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Abstract 
 
 

The alkanesulfonate monooxygenase enzyme (SsuD) catalyzes the oxygenolytic 

cleavage of a carbon-sulfur bond of sulfonated substrates. A mechanism involving acid-

base catalysis is proposed for the desulfonation mechanism by SsuD. In the proposed 

mechanism, base catalysis is involved in abstracting a proton from an alkane 

peroxyflavin intermediate, while acid catalysis is needed for the protonation of the 

FMNO- intermediate. The catalytic mechanism for SsuD was evaluated using several 

kinetic approaches including steady-state pH dependence studies, solvent deuterium and 

substrate deuterium kinetic isotope effects, temperature dependent studies, and single 

turnover kinetics. The pH dependence of kcat indicated SsuD requires a group with a pKa 

of 6.6 ± 0.1 to be deprotonated and a second group with a pKa of 9.5 ± 0.1 to be 

protonated for catalysis, while the pH dependence of kcat/Km indicated SsuD requires a 

single group with a pKa of 6.9 ± 0.1 to be deprotonated in order for the reaction to 

commit through the first irreversible step. Each observed isotope effect on the kcat and 

kcat/Km kinetic parameter was determined by analyzing the pH dependence of the solvent 

deuterium and substrate deuterium isotope effects, the latter obtained in both H2O and 

D2O.  Labeled and unlabeled substrate yielded a solvent isotope effect on kcat of 0.75 ± 

0.04 and 2.4 ± 0.2, respectively. The observed substrate isotope effect on kcat in H2O was 

3.0 ± 0.2. Each isotope effect on kcat/Km was within an experimental error of one 

indicating product release to be the rate-limiting step. This result was reinforced by 
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proton inventories exhibiting dome-shaped curves indicating large commitments to 

catalysis. Results from single-turnover experiments show increased stability of the C4a-

(hydro)peroxyflavin intermediate in D2O, but that the overall rate of flavin oxidation by 

SsuD monitored at 370 and 450 nm was not altered in the deuterated solvent. The 

deuterated substrate failed to stabilize the C4a-(hydro)peroxyflavin intermediate under 

single-turnover conditions. These combined results have identified key chemical steps of 

the proposed catalytic mechanism by implicating Arg226 as playing a critical role in 

catalysis as well as the quantification of catalytic commitment factors.  
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CHAPTER ONE 

 
Literature Review 

Chapter 1  
 

1.1 Mechanistic Enzymology 

Biochemistry is a broad field of study. The scope of modern biochemistry entails 

elements of physical organic chemistry, inorganic chemistry, modern molecular biology, 

microbiology, and medicine. The origins of the modern field emerged in Germany around 

1870 with Felix Hoppe-Seyler’s establishment of physiologische Chemie (1). Prior to this 

point, any chemistry dealing with substances obtained from the tissues and fluids of 

animals and plants was considered to be an extension of organic chemistry (1). However, 

separate but parallel investigations by medical physiologists and laboratory chemists into 

the process of fermentation led to the first of many branches within the field of 

biochemistry (1, 2). The opposing disciplines gave rise to different approaches: the 

organic chemists tended to approach problems in the field with an emphasis on structure 

and chemical properties of substances isolated from biological substances, while the 

medical establishment focused on the physiological role of such substances (1). As a 

result, the modern biochemist is presented with a variety of tools and approaches with 

which to the study the chemical processes of living organisms. Of these approaches, it is 

those employed by the mechanistic enzymologists that seek to identify and understand 

the boundary that distinguishes a living organism from a random collection of 
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thermodynamically stable molecules. What is the chemistry of life? In what way does life 

manipulate the laws of thermodynamics so that only a handful of molecules can be used 

to govern a vast array of chemical processes? How does an organism catalyze such a 

wide range of reactions at room temperature, neutral pH, and at high rates with 

impeccable precision and efficiency? Mechanistic enzymology serves to answer these 

questions and provide a broader understanding of the biological and chemical sciences as 

a whole.  

The origins of mechanistic enzymology can be traced back to 1894, when Emil 

Fischer demonstrated that an enzyme he called “invertin” acted only on α-D-glucosides, 

while another enzyme termed “emulsin” acted only on β-D-glucosides (2). Although, the 

term “enzyme” had already been coined in 1877 from the Greek word for “in leaven”, in 

reference to the rising of bread as it baked, Fischer’s discovery was the first evidence of 

enzyme selectivity; this finding resulted in his infamous “lock and key” metaphor which 

was used to describe enzyme-substrate interactions (2–4). However, Fischer’s discovery 

failed to resolve a debate within the scientific community at the time: Louis Pasteur 

claimed that certain biological processes, such as fermentation, were catalyzed by a vital 

force inherent to life itself which he referred to as the “fungus of fermentation” (2, 5). On 

the other hand, others argued fermentation was purely a chemical process brought about 

by the transfer of unstable properties from the ferment to the fermenting substance, thus 

leading to its breakdown (2, 5). Eduard Buchner presented evidence for and against both 

claims in 1897 when he observed that yeast extract was capable of carrying out 

fermentation of sugar to alcohol and carbon dioxide outside of a living cell (2, 5, 6). The 

discovery was a milestone in that it demonstrated that fermentation was not a process 
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possible exclusively to living organsims but the result of a chemical he called “zymase” 

being present in the yeast extract (2, 5, 6). The finding would lead to the discovery and 

eventual elucidation of the first biochemical pathway, fermentation (2, 7, 8). Modern 

enzymology was born.  

The first part of the 20th century gave way to the development of the basic tools 

and principles of enzyme characterization that are now the foundation of mechanistic 

enzymology. By end of the 19th century, colloid and physical organic chemistry 

techniques had become a prominent feature of biological thought and experimental 

investigation (1). The same approaches that were used to purify compounds and study 

organic reaction mechanisms were applied to the study of enzyme reactions. Buchner’s 

identification of “zymase” sparked widespread interest in the process of enzyme catalysis 

and eventually led to Arthur Harden’s discovery of “cozymase” in 1904 when he passed 

yeast extract through a gel filtration column to yield two separate fractions incapable of 

producing fermentation (2, 5, 7–9). Amazingly, he discovered activity could be restored 

simply by recombining the two fractions (5, 9). By the late 1920’s, Hans von Euler had 

determined the structure of “cozymase” to be that of an organic molecule, nicotinamide 

adenine dinucleotide (Figure 1.1) (2, 5, 10–14). Harden and Euler would eventually share 

the Nobel Prize in Chemistry for their work on coenzymes in 1929 (2, 5).  

In 1913, L. Michaelis and M. L. Menten helped to develop the groundbreaking 

equation that would bear their name by detailing the kinetic behavior of enzyme 

catalyzed reactions (equation 1.1) (2, 15): 

][
]][[
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where v is the rate of the enzyme reaction, [E0] equals total enzyme concentration, [S] is 

the concentration of substrate, kcat represents the sum of all first-order rate constants in 

the conversion of substrate to product, and Km represents the substrate concentration at 

which the reaction rate is half of maximal rate of the reaction (Vmax). Twelve years later, 

G. E. Briggs and J. B. S. Haldane applied the steady-state approximation to enzyme 

catalysis after rationalizing that the concentration of the enzyme-substrate complex would 

reach steady-state after a few catalytic turnovers and remain constant over time (2, 16). 

This rationalization would be embodied by the Michaelis constant, Km, which 

encompasses not only the dissociation constant for substrate binding but for product 

formation as well. The Michaelis-Menten equation would become the underlying 

foundation of enzyme kinetics. Even today, the Michaelis-Menten equation and the kcat 

and kcat/Km catalytic parameters therein continue to serve as the standard descriptors of an 

enzyme’s kinetic properties (2, 17, 18).  

 By 1930, enzyme studies had become prevalent enough for J. B. S. Haldane to 

publish the first comprehensive book on the subject (2, 8, 19). With the development of 

the continuous-flow method in 1923 and the stopped-flow method in 1934, even more 

advanced characterizations of enzymes became possible as absolute rate constants 

associated with enzyme catalysis could now be determined (2, 20, 21). The detection of 

these individual rate-constants would lead to the derivation of more complex kinetic 

mechanisms and provide evidence of catalytic intermediates in enzyme reactions. 

However, kinetic analysis remained the primary method to study enzyme behavior since 

it was still unclear as to the chemical composition of the biological catalysts themselves 

(2, 8). Before the successful crystallization of urease in 1926, it was still not even 
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generally accepted that biological catalysis was dependent on a chemical species (2, 22). 

It would not be until the successful crystallization of pepsin, trypsin, and chymotrypsin 

by John Northrop in the 1930’s that enzymes would be conclusively identified as proteins 

(2, 23–25).  

  Much of 1930’s and 1940’s were focused on purification, identification, and 

characterization of enzymes and coenzymes as well as the synthesis of the latter (1, 2, 8). 

The major vitamins (A, B1, C, D, and E) and their relationship to food and nutrition had 

been characterized as early as 1925, but it was not until the elucidation and successful 

synthesis of the nucleotide coenzymes such as ATP, NAD, and FAD that the link 

between the vitamins and coenzymes became apparent (1, 2, 8, 26–28). The elucidation 

and synthesis of these cofactors resulted in a boon for physical organic and synthetic 

chemists (1, 8, 26, 28). The dependence of enzymatic activity on certain coenzymes, or 

cofactors, suggested that these molecules were participating directly in the chemical 

mechanisms of the enzyme-catalyzed reaction (1, 2, 26, 28). As a result, organic chemical 

mechanisms could be proposed for enzymatic reactions and analyzed using traditional 

physical organic techniques (1, 2, 26). Meanwhile, work on metalloenzymes was still in 

its infancy during this period as Linus Pauling was just beginning to explore the 

chemistry governing the transport of molecular oxygen by hemoglobin (1, 2, 26, 29, 30). 

Therefore, mechanistic enzymology was predominantly limited to an understanding of 

enzymes as organic catalysts employing organic-like reaction mechanisms throughout 

much of the early 20th century (1, 2, 26, 31).   

 The second half of the 20th century produced two technological advances that had 

a major impact on mechanistic enzymology: X-ray crystallography and advanced 
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molecular biology techniques. X-ray crystallography provided a tool to identify specific 

interactions occurring between the enzyme and the reactants, while the polymerase chain 

reaction (PCR) resulted in a rapid, inexpensive, and efficient method to mutate functional 

groups and probe the mechanistic effect. Prior to these advances, the geometry of the 

enzyme active-site and the definitive roles of enzyme functional groups in catalysis were 

largely speculative (1, 2, 7, 8, 20, 21, 26, 28–30). In many cases, the enzyme interactions 

were simply disregarded in the development of proposed chemical mechanism altogether 

(1, 2, 26, 29, 30). However, Watson and Crick’s successful elucidation of the double-

helical structure of DNA by X-Ray diffraction in 1953 opened the door to the technique’s 

application to proteins in the late 1950’s (1, 2, 26, 32). When the technique was used 

successfully to obtain high-resolution three-dimensional structures of sperm whale 

myoglobin in 1957 and horse hemoglobin in 1959, mechanistic enzymologists realized 

that they now had a tool to investigate the role of enzyme interactions on the reaction 

mechanism of enzyme catalysis (2, 26, 33, 34). The successful crystallization and 

determination of chicken egg lysozyme by David Phillips in 1965 provided the first 

glimpse into the previously mysterious world of enzymatic structural characteristics (1, 

26, 35). The structure revealed a large cleft on the enzyme that was later shown to 

accommodate the polysaccharide strand of the peptidoglycan substrate (35, 36). After the 

three-dimensional structure of the enzyme co-crystallized with substrate was determined, 

a close examination of the points of contact between the substrate and the enzyme 

revealed two amino acid residues, Asp52 and Glu35, were positioned in close proximity 

above and below the fourth and fifth sugars of the polysaccharide chain of the substrate 

(36–38). Although previous characterizations of lysozyme had already demonstrated that 
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the enzyme catalyzed the cleavage of this glycosidic bond at this position, the enzyme’s 

lack of a cofactor limited the ability to propose a meaningful reaction mechanism in 

terms of catalysis (35–38). The revelation of the aspartate and glutamate residues near the 

active site provided a basis for the proposal of two mechanisms: Glu35 protonates the 

departing hydroxy group while Asp52 either stabilizes the resulting carbonium ion 

(Figure 1.2, Path A) or acts as a nucleophile forming a covalent adduct (Figure 1.2, Path 

B) (36, 39). Although the discovery provided the first direct evidence of an amino-acid 

residue being involved in catalysis as well as the idea that an enzyme can activate the 

substrate by inducing distortion or strain, it failed to distinguish between the two possible 

mechanisms (36, 39). Later, additional kinetic analysis would demonstrated the covalent 

adduct be to be the correct mechanism (40). Nevertheless, structural determination via X-

ray crystallography, when possible, has become a standard tool of the mechanistic 

enzymologist despite its limitations.   

The other major technological innovation that served to impact the field of 

mechanistic enzymology stemmed from advances in molecular biology (1, 2, 26). 

Although X-ray crystallography proved instrumental in providing a structural template 

for the development of hypothetical catalytic reaction schemes, there were few tools 

available with which to investigate a specific enzyme’s structural features, such as the 

role of a particular amino acid residue; mechanistic probes were limited to substrate 

analogues, isotope effects, or post translational modifications to the enzyme (1, 2, 26). 

Furthermore, X-ray crystallography was limited to enzymes that could be naturally 

expressed to high enough concentrations to yield at least 10 mg of pure protein (2). The 
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Figure 1.2. The catalytic mechanism for lysozyme adapted from reference (40). The 

Phillips mechanism (Path A) was originally proposed from the three-dimensional 

structure, but kinetic analysis eventually demonstrated the Koshland mechanism via a 

covalent adduct (path B) to be the correct mechanism. 
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successful cloning of the first recombinant gene, E. coli recA, in 1977 and its over-

expression in 1980 meant that biochemical studies were no longer limited to those 

proteins that could be naturally expressed and purified; the door had been opened for the 

study of a plethora of enzymes previously not subject to X-ray crystallography or basic 

characterization (1, 2, 26). By 1982, Michael Smith had developed a technique to 

generate enzyme variants with controlled site-directed mutations to particular amino acid 

positions (41–43). The technique was used to make a series of B. stearothermophilis 

tyrosyl tRNA synthetase variants in which the sidechains of certain functional groups, 

identified from the X-ray crystal structure, were removed because they were believed to 

be involved in hydrogen-bonding interactions with the substrate (42–44). The elimination 

of these hydrogen bonding interactions produced an unexpected result: Km was increased 

while kcat was decreased compared to wild-type (44). The result provided the first 

evidence indicating that the binding energy in an enzymatic reaction favors catalysis by 

increasinhg kcat rather than by promoting tighter substrate binding (44). Molecular 

biology allowed mechanistic enzymologists to explore the complexity of enzymatic 

machinery. The discovery and development of the PCR method by Mullis in 1983 

permitted the rapid amplication of nucleotide sequences for cloning or analytical 

purposes such as site-directed mutagenesis (45). In the following decades, various 

approaches to site-directed mutagenesis, including the Kunkel method in 1987, were 

developed in an effort to standardize the process and increase efficiency (46). Today, the 

systematization of PCR procedures has allowed the mechanistic enzymologist to clone 

recombinant genes and generate enzyme variants quickly, efficiently, and relatively 
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inexpensively with minimal training or expertise, permitting more emphasis on the 

exploration of various enzyme reaction mechanisms.  

As mechanistic enzymologists began to be able to focus on the enzyme structural 

features and their relationships to catalysis, the distinction between mechanistic 

enzymology and the traditional physical organic and inorganic chemistry fields became 

more defined. Interestingly, this same phenomenon that began to distinguish an 

enzymologist from the organic chemist began to divide the traditional biochemist from 

the molecular biologist: the term “molecular biology” was actually the result of physicists 

attempting to explain the “nature of life” using a quantum mechanical model independent 

from chemistry (1). This seemingly innocuous distinction would result in an undeniable 

tension between biochemists and molecular biologists after the 1950’s, a tension that 

would result in the change of the name of the American Society of Biological Chemists 

to the American Society of Biochemistry and Molecular Biology in 1987 (1).  

Today, the field of biochemistry remains internally divided and grossly 

misunderstood by the outside disciplines. Although the modern biochemist is often 

required to demonstrate an effective understanding of both fundamental chemistry and 

biology in order to receive a Ph.D., they are commonly viewed as “narrow-minded 

specialists, who are neither a proper chemist or proper biologist and who are interested 

only in the petty details of metabolic pathways (1)”. A. V. Hill was once quoted stating, 

“The trouble with so many biochemists or physiological chemists, or whatever one calls 

them, is that they either know no chemistry or no physiology or no biology (47).” 

However, this hostile and unfair assessment is ironic in that many of these same 

individuals are often purported in the very same statement to possess little if any 
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understanding of fundamental biochemistry. The hypocrisy of such statements serves 

little to advance either discipline; hopefully, such criticisms will become a thing of the 

past as advances in mechanistic enzymology help to further blur the distinctions between 

all of these fields. Therefore, this dissertation has been styled to address the subject of the 

two-component alkanesulfonate monooxygenase system from the chemical approach 

followed by the physiological approach before diving into the pure mechanistic 

enzymology governing the research therein.  

1.2 Flavin Dependent Enzymes-Early History 

The story of flavin dependent enzymes begins in 1879 with Winter Blyth’s 

observation of lactochrome, a distinctly yellow-pigmented compound isolated from milk 

whey (48). Twenty years later during a completely unrelated set of studies, Otto Kühling 

was investigating the redox properties of a class of compounds that would eventually be 

known as alloxazines (49). However, Blyth’s and Kühling’s discoveries would remain in 

relative obscurity until 1926 when Joseph Goldberger discovered that the human disease 

pellagra was caused by a deficiency in a dietary factor belonging to the same complex as 

vitamin B1; this antipellagra factor was subsequently labeled vitamin B2 (50). In 1933, 

Richard Kühn and his associates isolated a B-complex dietary factor from milk that was 

described as orange-pigmented, but lacking antipellagra activity; the resulting compound 

was referred to as lactoflavin, derived from the latin words for lacto “milk” and flavus 

“yellow”, and was identified as vitamin B2 despite its lack of antipellagra activity (1, 51). 

As a result, Goldberger’s factor would be renamed vitamin B6 or modern day pyridoxal 

5’-phosphate (27, 52). Interestingly, vitamin B6 would continue to be studied as 

Goldberger antipellagra factor throughout the 20th century until it was finally determined 
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that it was actually vitamin B3, niacin, that was acting as the true antipellagra factor 

(Figure 1.3) (27, 28, 53, 54). While Richard Kühn was working to isolate and synthesize 

the yellow pigment, Albert Szent-György observed that a yellow pigment in animal 

tissues, which he coined cytoflave, could be eliminated and regenerated through 

reversible oxidation-reduction (55). During this same period, it was observed by a 

competing group that some animal tissues emitted green fluorescent light after being 

irradiated with ultraviolet light; they coined these pigments lyochrome (56). By this time, 

the yellow pigment was suspected to be the result of a coenzyme; efforts were undertaken 

to isolate the compound from its enzyme counterpart much like Euler had done with co-

zymase a quarter century before. By 1935, the pigment was identified as a flavin 

phosphate following a successful attempt to reversibly separate it from the old yellow 

enzyme without denaturation (57). These independent chemical and spectral studies on 

the yellow pigment eventually led Warburg and Christian to determine it to be one of 

Kühling’s alloxazine compounds through X-ray crystallography (58). Following the 

successful synthesis of riboflavin-5’-monophosphate by Richard Kühn’s Lab in 1936, it 

was demonstrated that catalytic activity could be achieved by combining the synthetic 

flavin compound with the apo-enzyme (59). It was concluded that riboflavin-5’-

monophosphate served as a “prosthetic group” integral to the protein itself, giving rise to 

the term “flavoprotein” (60, 61). In accordance with the terminology at the time, 

riboflavin-5’-monophosphate was referred to as flavin mononucleotide (FMN), with 

nucleotide referring to any nitrogenous compound linked to a sugar phosphate (1, 60, 61).  

By 1938, Warburg and Christian had also solved the structure of the flavin adenine 

dinucleotide (FAD) coenzyme integral to D-amino acid oxidase (62). It was now clear 
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Figure 1.3. Structures of pyridoxal phosphate, Niacin, Lumiflavin, 

riboflavin, FMN, and FAD. 
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that biologically relevant flavocompounds came in two forms, FMN and FAD, with the 

riboflavin (vitamin B2) component being integral to each form (Figure 1.3) (28, 61). 

1.3 The Chemical Relevance to the Study of Alkanesulfonate Monooxygenase System  

The core molecular structure of any flavin compound was determined to be 

lumiflavin or 7,8-dimethylisoalloxazine and a numbering system corresponding to the 

positions of the isoalloxazine ring of the flavin was established (Figure 1.4) (63). The 

functional diversity of the flavin cofactor in biological systems was found to be related to 

the covalent linkage of the nucleotide group covalently linked to the N10 position of the 

isoalloxazine ring. In riboflavin, the nucleotide group was determined to be a ribityl sugar 

(Figure 1.3). In FMN, the ribityl sugar was found to include a phosphate group attached 

to the terminal hydroxyl group by an ester linkage, while FAD included an additional 

adenosine monophosphate group linked to the terminal phosphate of FMN (Figure 1.3) 

(61). For the most part, these nucleotide groups have been determined to anchor the 

flavin moiety in the protein and/or to enhance the solubility of the flavin moiety in 

solution as riboflavin is not soluble in water (61). Nevertheless, the specific chemical 

properties of the flavin moiety were shown to be dependent on its micro-environment 

within the flavoprotein (64). In most flavoproteins, the flavin cofactor was determined to 

be only tightly bound to the enzyme. However, flavoproteins had been found to contain 

covalently bound flavin moieties linked through either the C6 position via a cysteine 

amino acid residue or through the 8α-methyl group via a tyrosine, histidine, or cysteine 

amino acid residue (63).   

1.3.1 Flavin Oxidases, Flavin Dehydrogenases, Flavin Reductases, and Controversy  
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Although the structures of the two major flavocompounds had been elucidated, 

the mechanisms of action of the flavin redox coenzymes continued to stir controversy (2, 

60, 61, 65). Throughout the 1960’s, the characterizations of an increasing number of 

flavoenzymes demonstrating a diverse range of reactions resulted in the classification of 

flavoproteins into four distinct groups: flavin oxidases, flavin dehydrogenases, flavin 

reductases, and flavin oxygenases (Figure 1.5) (2, 60, 61, 65–69). Flavin oxidases, such 

as D-amino acid oxidase, react with molecular oxygen to yield an oxidized product and 

H2O2 (66). In these enzymes, the flavin accepts two electrons from the substrate to form 

reduced flavin prior to the formation of the anionic flavin semiquinone intermediate 

required for the one electron transfer to molecular oxygen prior to the formation of H2O2 

(Figure 1.5) (61). Flavin dehydrogenases, such as succinate dehydrogenase, transfer a 

pair of electrons and a proton from the substrate to the flavin cofactor in order to form a 

dehydrogenated product (67, 70). This process can result in either the generation of 

carbon-carbon double bonds as in the succinate dehydrogenase or the condensation of an 

alcohol to aldehyde as in the case of alcohol dehydrogenase (61, 67, 71). Flavin 

reductases, such as glutathione reductase, catalyze the reduction of flavin by catalyzing 

the transfer of electrons from a pyridine nucleotide such as NADH or NADPH to an 

oxidized flavin substrate (61, 68). Flavin oxygenases, such as p-hydroxybenzoate 

hydroxylase, insert one atom of molecular oxygen into a substrate while producing water 

with the other oxygen atom. 

The flavin coenzyme was proposed to mediate redox reactions by governing the 

transfer of one or two electrons during catalysis; this electron transfer results in the 

formation of three redox states: a fully oxidized flavin, a flavin semiquinone, and the
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fully reduced flavin (Figure 1.6) (2, 60, 61, 65–69). The ability of the flavin to exist in 

three different oxidation states was discovered by the observation that distinct spectral 

intermediates could be generated during oxidation-reduction reactions (60, 61, 63, 65, 72, 

73). A characteristic absorbance spectrum with maxima at 370 and 450 nm is observed 

for fully oxidized flavin as well as a fluorescence emission peak at 520 nm. Alternatively, 

the flavin semiquinone exhibits a broad absorbance peak in the 600 nm region, while the 

fully reduced flavin does not display any fluorescence or absorbance in the visible region 

(Figure 1.7) (74).   

Although it was generally accepted that the flavin could exist in these three redox 

states, the mechanism by which the three states are interconverted during the 

dehydrogenase reactions was, and to many still is, a subject of intense controversy (2, 60, 

61, 65–69, 72, 75, 76). To many, the hydride transfer mechanism was considered the 

most plausible mechanism due to its simplicity as well as its similarity to the established 

mechanism for NAD-NADH oxidation-reduction (Figure 1.8) (2, 61, 77). Throughout the 

1970’s however, evidence demonstrating that the C4a position of flavin was susceptible 

to nucleophilic attack by thiols and dioxygen began to become commonplace, especially 

for monooxygenase reactions (60, 65, 71, 77). Alternatively, studies on D-amino acid 

oxidase during this period complicated the debate further by providing evidence that the 

substrate forms an α-carbanion intermediate performing a nucleophilic attack on the N5 

position of the flavin (77–80). Nevertheless, it was Tom Bruice’s emphatic defense of the 

radical mechanism that would result in the debate’s escalation into what some would 

refer to as a virtual scientific conflict. Bruice argued, and eventually provided evidence, 
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Figure 1.7. UV absorbance spectra of the three-different redox states of a 

flavin coenzyme: fully reduced flavin (▬ ● ▬), flavin semiquinone (─ ─), 

and fully-oxidized flavin (▬▬). The fluorescence emission spectrum of 

the flavin semiquinone when excited at 444 nm (inset). This research 

originally appeared in reference (74).  
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that flavin oxidation-reduction reactions proceed by radical formation and that the 

catalytic oxidation of alcohols by flavin involve the attack of an enamine upon a carbonyl 

oxygen (2, 77, 81, 82). The plethora of conflicting data and interpretations from 

competing groups has caused deep divisions within the flavin community regarding the 

mechanism of flavin-dependent dehydrogenation (2, 61, 77). Alternatively, the 

mechanism governing oxygen activation by flavin-dependent monooxygenases has been 

well established (60, 61, 65, 72, 77, 83, 84).  

1.3.2 Flavin dependent monooxygenases 

The mechanism by which a flavin oxygenase, such as p-hydroxybenzoate 

hydroxylase (PHBH), inserts one atom of molecular oxygen into a substrate while 

producing water with the other is one of the most studied reactions in enzymology (2, 60, 

61, 65, 72, 75, 77, 81, 83–88). In general, the oxidized flavoenzyme will first form a 

complex with NAD(P)H, which will serve to reduce the flavin cofactor prior to the 

release of NADP+ (Scheme 1.1). The reduced flavoenzyme then reacts with molecular 

oxygen to generate a C4a-(hydro)peroxyflavin intermediate (FlOO- or FlOOH). This 

intermediate then serves  to insert one atom of oxygen into the substrate while releasing 

the other oxygen atom in the form of H2O (Scheme 1.1). At this point, the product is 

released making room for another NAD(P)H to bind so that the catalytic cycle can repeat. 

Flavin dependent monooxygenases were the first monooxygenases to be studied 

in detail (2, 60, 72, 77). W.B. Sutton is credited with identifying the first of these 

enzymes in 1954 when he observed decarboxylation of lactate to acetate in 

Mycobacterium phlei extracts (89). His group subsequently identified this enzyme as 
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Scheme 1.1. The catalytic cycle of PHBH, a typical mechanism for a 

“cautious” flavin dependent monooxygenase enzyme. A conformational 

change traps NADPH in the active site until the substrate can bind. 
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lactate monooxygenase, and determined that catalysis resulted in the incorporation of 18O 

into acetate and water from 18O2 (90, 91). Although several more flavin-dependent 

monooxygenases would be identified and characterized throughout the ensuing years, it 

would not be until Strickland and Massey’s elucidation of the kinetic mechanism of 

melilotate hydroxylase in 1973 using pre-steady-state kinetic analysis that the 

fundamental properties of flavin-oxygen catalysis would become established (2, 60, 85). 

In these studies, Massey detected the formation of what he proposed to be a flavo-oxygen 

intermediate developing during catalysis. Nevertheless, it would not be until their work 

with p-hydroxybenzoate hydroxylase in 1976 that Massey and his co-workers would 

claim they had amassed sufficient evidence to support the formation of a C4a-

hydroperoxide species serving as the hydroxylating intermediate during a 

monooxygenase reaction (60, 65, 72, 86). Although chemical models supported the 

formation of the C4a-hydroperoxide species, Massey’s work continued to face intense 

scrutiny as many doubted that such an intermediate could exist (60, 61, 72, 75, 83, 87, 

88).  

Massey proposed the intermediate while investigating the reaction of free reduced 

flavin with molecular oxygen (88). By this time, Tom Bruice and coworkers had been 

studying extensively the reaction of molecular oxygen with free reduced flavin (72). He 

had concluded that the reaction resulted in an accumulation of the superoxide anion and 

flavin radicals; the oxidation reaction occurs extremely fast and is autocatalytic (Scheme 

1.2) (65, 72, 73, 77). The initial reaction of reduced flavin with dioxygen proceeds first 

through the transfer of an electron from a singlet reduced flavin to a triplet O2 to yield a 
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caged radical pair (Scheme 1.2). Spin inversion of this radical pair collapses to form the 

flavin hydroperoxide intermediate, which then heterolytically dissociates into H2O2 and 

oxidized flavin (75). Through pulse radiolysis experiments, it was determined that the 

neutral flavin radical could react with excess O2
- to produce FlOO- prior to formation of 

the FlOOH intermediate at neutral pH; the observation and exponential decay of an 

absorbance peak at 540 nm was attributed to the neutral flavin radical intermediate (92, 

93). Observation of this flavin radical in combination with prior studies by Massey 

provided additional support for the formation of the flavin C4a-hydroperoxide 

intermediate (87, 88). 

1.3.3 Mechanism of Flavin Dependent Monooxygenases 

The initial step to oxygen activation in all flavin-dependent monooxygenases 

involved the one-electron reduction of molecular oxygen producing a caged radical pair 

(60, 65, 72). The pair then collapses to form the C4a-peroxide intermediate (FlOO-) 

which can be protonated to generate the C4a-hydroperoxide intermediate (FlOOH) 

(Scheme 1.2). The enzyme will favor one of these intermediates depending on the nature 

of the reaction: typically, the C4a-peroxide intermediate is favored in reactions involving 

a Baeyer-Villiger rearrangement prior to a nucleophilic attack of the peroxide on the 

substrate, while the C4a-hydroperoxide intermediate is favored for reactions involving 

aromatic hydroxylation via electrophilic attack (60, 65, 72, 94). For instance, 

cyclohexanone monooxygenase performs a nucleophilic attack on a cyclic ketone 

substrate through a C4a-peroxyflavin intermediate in order to incorporate an oxygen 

atom into its lactone product, while p-hydroxybenzoate hydroxylase has been shown to 

utilize an electrophilic attack on the aromatic ring substrate via a C4a-hydroperoxyflavin 
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intermediate in order to incorporate a hydroxyl group onto the aromatic ring (69, 86, 95, 

96). Interestingly, these reactions produce remarkably similar results despite relying on 

two contrasting mechanisms. 

1.3.3.1 C4a-hydroperoxyflavin and the “Cautious Monooxygenase” Strategy 

Among the first of the flavin monooxygenases to be extensively characterized 

was p-hydroxybenzoate hydroxylase (PHBH); investigations into its catalytic mechanism 

have resulted in it being one of the best understood of the flavin monooxygenases (60, 

65, 69, 86). The enzyme’s mechanism exhibits features that are shared by all aromatic 

hydroxylases, as well as some features that are uniquely adapted to PHBH. It requires a 

non-covalently bound FAD prosthetic group to catalyze the hydroxylation of p-

hydroxybenzoate (pOHB) to 3,4-dihydroxybenzoate generating NADPH and O2 (65, 86, 

97). PHBH and related enzymes are known as “cautious monooxygenases” in reference to 

the control mechanism they employ to prevent the wasteful oxidation of NAD(P)H when 

the substrate is absent. A “cautious monooxygenase” requires a hydroxylatable substrate 

to be bound in order to allow rapid flavin reduction (65, 98). Therefore, C4a-

hydroperoxide formation from the reduced enzyme is triggered by the presence of the 

substrate to be hydroxylated. For the PHBH reaction, the enzyme commits to catalysis in 

the reductive half-reaction, but only when pOHB is bound. At this point, a 

conformational change of the enzyme kinetically traps the pOHB subtrate in the active 

site ensuring its availability for hydroxylation by electrophilic aromatic substitution in the 

oxidative half-reaction (Scheme 1.1).  

The details pertaining to how oxygen is inserted to the aromatic pOHB substrate 

was a subject of intense debate for many years (65). In accord with classic electrophilic 
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aromatic substitutions from organic chemistry, the site of enzymatic hydroxylation is 

always ortho or para to an electron-donating ring substituent (99). Although 

flavoproteins were only known to hydroxylate aromatic substrates that have electron-

donating substituents, there was doubt as to whether the C4a-hydroperoxide was a strong 

enough electrophile to drive the reaction (65, 86, 100–102). Over the next few decades, 

however, proponents of simple electrophilic aromatic substitution had collected enough 

experimental data to reinforce their claim (60, 65, 86, 100–103). The final proposed 

mechanism considers that the intermediate in the electrophilic substitution reaction is 

non-aromatic; oxygen transfer to the 3-position of pOHB creates an sp3-hybridized 

carbon, and the activating -OH group becomes a carbonyl. What is fascinating is how the 

highly controlled enzyme system utilizes a proton-transfer network consisting of Tyr201, 

Tyr385, two water molecules, and His72 in order to abstract the phenolic proton of 

pOHB so that the unstable protonated carbonyl will form without exposing the active site 

to solvent (65, 103). PHBH serves as an excellent example of how an enzyme can exhibit 

control over an organic reaction. 

1.3.3.2 C4a-peroxyflavin and the “Bold Monooxygenase” Strategy 

A “bold monooxygenase” differs from its “cautious monooxygenase” counterpart 

by promoting rapid flavin reduction and subsequent hydroperoxide formation regardless 

of the presence of a hydroxylatable substrate. Despite this seemingly reckless strategy, 

these enzymes still manage to prevent futile NAD(P)H oxidase activity by effectively 

protecting the flavin hydroperoxide from elimination and stalling the catalytic cycle until 

a competent substrate is encountered (65). Early efforts to understand this strategy 

focused on the catalytic mechanism employed by cyclohexanone monooxygenase 
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from Acinetobacter (Scheme 1.3) (95, 96). As a result, cyclohexanone monooxygenase 

became one of the most studied examples of an enzyme utilizing the “bold 

monooxygenase” strategy. Structures of related “bold monooxygenases” include 

phenylacetone monooxygenase from Thermobifida fusca and cyclohexanone 

monooxygenase from Rhodococcus. A common feature of many “bold monooxygenases” 

is the insertion of a single oxygen atom of a substrate via a Baeyer-Villiger 

rearrangement (65, 94). Each provides evidence of the origin of the kinetic behavior 

characteristic of this group of enzymes (104, 105). Interestingly, Baeyer-Villiger 

monooxygenases are not closely related to aromatic hydroxylases in sequence or 

structure, but resemble instead disulfide oxidoreductases (106). The active site cleft is 

between an NADPH binding domain and an FAD-binding domain; the two domains are 

joined by a signature sequence for Baeyer-Villiger monooxygenases (106). 

Mechanistically, these enzymes have been shown to use flavin peroxides as nucleophiles 

in Baeyer-Villiger oxidations of ketones to esters. Unlike the “cautious monooxygenase”, 

the presence of the ketone substrate makes no difference in the rate of flavin reduction. 

Also, NADP+ remains bound to the enzyme after flavin reduction (95). The reduced 

enzyme–NADP+ complex then reacts with oxygen rapidly to form the flavin C4a-

peroxide (65, 96). Interestingly, this adduct remains stabilized in the absence of the 

ketone substrate with a half-life of 5 min before decaying to H2O2. In contrast, the flavin 

hydroperoxides of aromatic hydroxylases without substrate generally decay within 

milliseconds (65). The stability of the C4a-peroxyflavin intermediate of Baeyer–Villiger 

monooxygenases has been shown to depend on the presence of bound NADP+ as fully
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Baeyer-Villiger mechanism. Note: the NADP+ must be bound in order to 

stabilize the formation of the C4a-hydroperoxide intermediate in the 

absence of substrate. 
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oxidized enzyme will form within seconds if it is absent (65, 95, 96, 103). The three-

dimensional structures for the free oxidized enzyme and NADP complexes show that a 

conformational change regulates this stability: after hydride transfer from NADPH, 

domain rotation moves the nicotinamide ring to a position that blocks access to N5 of 

FAD, preventing the breakdown of the C4a-hydroperoxide to H2O2.  

Similar to the case with p-hydroxybenzoate hydroxylase, there was considerable 

debate within enzymology and organic chemistry as to whether the C4a-peroxyflavin 

intermediate was capable of serving as a nucleophile for the Baeyer-Villiger reaction. By 

2001, however, a series of cleverly engineered studies using a stopped-flow 

spectrophotometer to conduct pH jump-experiments were conclusive in demonstrating 

that it was a C4a-flavinperoxide, and not a C4a-flavinhydroperoxide, acting as the 

nucleophile that attacks the carbonyl of the substrate (96). Separate experiments 

demonstrated that NADP+ binds to the oxidized enzyme in a two-step process involving a 

conformational change; the reverse rate constant was consistent with that measured for 

proton transfers to the oxygen adducts, suggesting that the same conformational change 

controls release from the active site (96). One of the most fascinating observations from 

this study was the identification of the distinct absorbance maxima at 366 and 383 nm 

corresponding to the C4a-peroxyflavin and the C4a-hydroperoxyflavin intermediate, 

respectively. Now, there was spectral evidence for the existence of each intermediate, and 

a value of 8.4 was determined for the pKa of the C4a-hydroperoxyflavin intermediate 

(96). 

1.3.4 Flavin-Dependent Two-Component Monooxygenase Systems: Chemical Meets 

Physiological 
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Although the most extensively studied flavin dependent monooxygenases are 

composed of a single polypeptide and a single flavin as a prosthetic group, an increasing 

number of two-component systems utilizing flavin have been identified over the last few 

decades (65, 107). In these systems, the flavin serves as substrate rather than a tightly 

bound prosthetic group. As a result, the monooxygenase is dependent on another enzyme, 

a flavin reductase, to generate and supply the reduced flavin required for monooxygenase 

activity. Two different kinds of reductases can supply flavin to the monooxygenase: in 

one reductase, a single flavin substrate is reduced by NAD(P)H before being transferred 

to the monooxygenase, while the other reductase consists of a prosthetic group flavin that 

is reduced first by a NAD(P)H before transferring the electrons to a second flavin 

substrate (107, 108). Also, just like their single component counterparts, some two-

component systems have been reported to use a C4a-(hydro)peroxyflavin intermediate as 

an electrophile while others use it as a nucleophile; some use FAD, while others use 

FMN (107). The similarities shared between these two-component systems and their 

single component counterparts prompts speculation and debate as to which system 

evolved from the other. 

Several FAD-dependent two component monooxygenase systems have been 

identified including p-hydroxyphenylacetate hydroxylase (HpaA), styrene 

monooxygenase (SMOA), 2,4,6-trichlorophenol monooxygenase (2,4,6-TCP), 2,4,5-

trichlorophenol monooxygenase (TftD), isobutylamine N-hydroxylase (VlmH), 

rebeccamycin halogenase (RebH), and phenol monooxygenase (PheA2) (109–115). 

Many of these FAD-dependent enzymes are involved in hydroxylating aromatic 

compounds, and have been proposed to use a C4a-hydroperoxyflavin as the oxygenating 
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intermediate. Out of these systems, HpaA is among the best characterized (109, 116, 

117). The C2 monomer of HpaA is interesting in that it is capable of utilizing both 

FADH2 and FMNH2 in order to carry out the hydroxylation of p-hydroxyphenylacetate 

(pHPA) to 3,4-dihydroxyphenylacetate (DHPA) (Scheme 1.3) (116, 117). Although the 

hydroxylation reaction carried out by HpaA is remarkably similar to that the “cautious 

monooxygenase” PHBH, the two-component nature of the HpaA system exempts it from 

utilizing the “cautious monooxygenase” strategy as NAD(P)H does not bind to the 

monooxygenase component. Nevertheless, HpaA appears to be just an effective a catalyst 

as its single-component counterpart, though the exact details of its mechanism are still 

under investigation. 

By far, the best characterized FMN-dependent monooxygenase is bacterial 

luciferase: the enzyme was the first of the flavin-dependent two-component enzymes to 

be identified, and detailed studies of its catalytic system have been instrumental in 

establishing the fundamental properties of the two-component monooxygenases (118–

120). This enzyme is found in several bacterial organisms ranging from aquatic to 

terrestrial environments including Vibrio harveyii, Vibrio fischeri, Photobacterium 

leiognathi, and Photobacterium phosphorium (121). The reaction catalyzed by bacterial 

luciferase utilizes a long-chain aliphatic aldehyde substrate, reduced flavin, and dioxygen 

to produce an aliphatic carboxylic acid and bioluminescence in the form of blue-green 

light (Scheme 1.4) (118–120, 122–124). The light emission comes from the 

decomposition of the C4a-aldehydeperoxyflavin intermediate (123, 125). There are two 

other members of the bacterial luciferase family based on similar structural properties,                        

long-chain alkane monooxygensase (LadA) and alkanesulfonate monooxygenase (SsuD).                
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LadA has been identified from Geobacillus thermodenitrificans and catalyzes the initial  

reaction in the terminal oxidation pathway of long-chain alkanes ranging in length from  

C15 to C36 to the corresponding primary alcohol (Scheme 1.2) (126, 127). The SsuD 

enzyme differs from both LadA and bacterial luciferase in that the mechanism is not the  

oxidation of a long-chain alkane or aldehyde, but involves C–S bond cleavage: SsuD  

catalyzes the desulfonation of alkanesulfonate to sulfite and the corresponding aldehyde  

(Scheme 1.4) (128, 129). Chemically, the oxygenolytic cleavage of a carbon-sulfur bond 

via a C4a-(hydro)peroxyflavin intermediate is of mechanistic interest; the details of this  

process will be the primary focus of the investigations presented in later chapters of this  

dissertation. Physiologically, the enzyme system is believed to be expressed only during  

times of sulfur starvation, yet the gene corresponding to it has been found ubiquitously          

throughout known bacterial species (129). The conservation of this gene throughout                        

bacterial genomes indicates that SsuD may serve an alternative but previously 

uncharacterized role in these organisms.  
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Scheme 1.4. The members of the bacterial luciferase family, and the 

reactions they catalyze. 
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1.4 The Physiological Relevance to the Study of Alkanesulfonate Monooxygenase 

System  

FMN dependent two-component monooxygenases are responsible for catalyzing a 

diverse range of reactions from the oxidation of environmental aromatic and polycyclic 

compounds for use as carbon sources, the biosynthesis of antibiotics, bioluminescence, 

the oxidation of long-chain alkanes, and the desulfurization of sulfonated compounds 

(Table 1.1) (107). Nevertheless, all of these enzymes share key mechanistic features: they 

are dependent on reduced FMN supplied from an FMN reductase, and their mechanisms 

involve the formation of a C4a-(hydro)peroxyflavin intermediate that is responsible for 

the oxygenation of the substrate. At least two FMN-dependent monooxygenases have 

been characterized that are involved in the synthesis of antibiotics, ActVA and SnaA. The 

ActVA monooxygenase is linked to the last step in actinorhodin biosynthesis (130, 131). 

Actinorhodin is a polyketide antibiotic first identified in Streptomyces coelicolor. The 

ActVA enzyme hydroxylates dihydrokalafungin (DHK), and eventually leads to the 

actinorhodin product. SnaA (PIIA synthase) is the other FMN-dependent monooxygenase 

involved in antibiotic synthesis. It has been identified in several Streptomyces species and 

has been linked to the synthesis of the polyunsaturated cyclic peptolide pristinamycin 

IIA (PIIA), an inhibitor of protein synthesis (132, 133). The PIIA synthase enzyme 

catalyzes the oxidation of the dehydroproline residue in PIIB to form PIIA.  

Other two-component monooxygenases are linked to the breakdown of chelating 

agents such as NTA and EDTA. It is believed the organism breaks down these 

compounds in order to provide free carbon and nitrogen as sources of energy. The FMN- 
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Enzyme Reaction(s) catalyzed 

LuxA/B or bacterial 
luciferase 

Oxidation of long-chain alkanes with the 
emission of blue-green light 

SsuD Desulfonation of alkanesulfonates 
ActVA Actinorhodin biosynthesis 
HpaH/C2 Hydroxylation of p-hydroxyphenylacetate 
EmoA/EDTA-Mo EDTA degradation 
NtaA/NTA-Mo Nitrilotriacetate degradation 
SnaA or PIIA synthase Pristinamycin biosynthesis 
LadA Oxidation of long-chain alkanes 
Dsz/SoxA and C Dibenzothiophene degradation 

 

 

 

Table 1.1. FMN dependent monooxygenase enzymes from two-

component systems. Table adapted with permission from (107). 
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dependent monooxygenase NtaA (NTA-Mo) characterized from Chelatobacter 

heintzii ATCC 29600 catalyzes the conversion of NTA to iminodiacetate and 

glyoxylate (134–136). Interestingly, the enzyme uses an Mg2+-NTA complex as its 

substrate, with different metals capable of substituting for Mg2+ in the reaction. A number 

of bacteria phylogenetically related to Mesorhizobium and Agrobacterium species have 

also been discovered that are capable of EDTA degradation (Figure 1.9) (137). The 

EDTA-degrading monooxygenase EmoA (Emo-Mo) catalyzes the oxidation of EDTA to 

ethylenediaminetriacetate (ED3A) and glyoxylate followed by the further oxidation of 

ED3A to ethylenediaminediacetate (Figure 1.9) (138, 139). It can also degrade NTA and 

diethylenetriaminepentaacetate (DTPA) with or without chelated metals (139). What is 

interesting about these particular systems is the origin of their function: chelators like the 

ones mentioned above are not natural products and were only developed as recently as 

the 1930’s (140). The affinity of these enzymes for such recently available compounds 

prompts further speculation and debate as to which system, the two-component flavin 

monooxygenases or their single component counterparts, evolved from the other. The 

debate may serve to help answer questions pertaining to the role SsuD and its ubiquitous 

presence throughout known bacterial organisms. 

1.4.1 The Sulfur Cycle and Bacterial Organisms 

Sulfur is essential for the growth of all living organisms. It is a basic building 

block used for cysteine, methionine, biotin, coenzyme A, coenzyme M, thiamine, lipoic 

acid, iron-sulfur centers, and a variety of other cellular compounds. Elemental sulfur 

alone makes up about 0.1% of the earth’s crust and can comprise nearly 1% of the dry 

cell weight of a bacterial organism (141). The majority of this
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Figure 1.9. Reactions catalyzed by two-component FMN dependent 

monooxygenases. Note: HpaH can utilize both FMN and FAD. 
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bioorganosulfur originates from the assimilation of inorganic sulfate by plants and 

bacteria (141). However, inorganic sulfate often constitutes only a limited amount of the 

total available sulfur in the environment as most organosulfur is locked into extremely 

stable compounds making it inaccessible to most living organisms. Therefore, these 

organisms are dependent on alternate, but more ubiquitous, sources like sulfate esters and 

sulfonates for bioorganic sulfur. Interestingly, plants are not capable of processing 

xenobiotic and naturally occurring sulfonates and sulfate esters; they must rely on the 

sulfate and sulfide generated from bacteria (141). On the other hand, animals are totally 

dependent on plants and bacteria for access to bio-available sulfur as they are incapable 

of assimilating inorganic sulfate. Consequently, methionine is an essential amino-acid for 

animals and represents the key intermediate in most pathways involving sulfur 

metabolism in higher organisms. Even the production of cysteine in animals originates 

from the transsulfurylation of dietary methionine (142). In general, cysteine biosynthesis 

in plants, bacteria, yeast and filamentous fungi begins with the uptake of inorganic sulfate 

into the cell followed by its conversion to 3′-phosphoadenosine-5′-phosphosulfate 

(PAPS) via adenosine triphosphate (ATP). The resulting sulfite is further reduced to 

sulfide where it is condensed with O-acetyl serine to generate cysteine (Figure 1.10) 

(143, 144). This cysteine then serves as an intermediate in the synthesis of methionine 

and/or homocysteine depending on the organism.  

In recent years, there has been increasing interest in how gram-negative bacteria 

and certain fungi utilize alternative organosulfur compounds to provide themselves with 

cysteine and methionine such as sulfate esters (R-OSO3
−) and sulfonates (R-SO3

−) 
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Figure 1.10. Cysteine and methionine biosynthesis in E. coli and P. 

aeruginosa.  
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for growth (141, 145). Much of this interest is due to the increasing number of genes 

identified in various organisms, including higher organisms, displaying characteristics 

pertaining to sulfur metabolism. For instance, while bacteria synthesize a range of 

sulfatases and sulfonate oxygenases in order to utilize the sulfur available to them, the 

disruption of genes encoding arylsulfatases in higher organisms have been linked to 

several human genetic diseases, such as mucopolysaccharidosis VI and X-linked 

chondrodysplasia punctata, a human genetic disease that causes aberrant bone and 

cartilage development (146, 147). The link between these genes, which are known to 

encode for proteins involved in sulfate uptake and activation in bacteria and fungus, and 

the cause of these serious human genetic diseases remains a subject of active 

investigation within the medical community. 

1.4.2 Sulfate-Starvation Induced Proteins 

The widespread availability of sulfonates in natural environments has resulted in 

the evolution of bacteria to degrade these compounds. Studies have demonstrated that 

aerobic bacteria can use a wide range of sulfonates as sulfur sources (141). In these 

organisms, desulfonation has been shown to occur via an α-ketoglutarate-dependent 

dioxygenase (TauD) or SsuD: each enzyme has been shown to be expressed when bio-

available sulfate is limiting, earning them the name sulfate-starvation induced (SSI) 

proteins (Figure 1.9) (129). Consequently, the genes encoding these 

enzymes, tauABCD and ssuEADCB, have been shown to be repressed in the presence of 

sulfate in E. coli, and the expression of both the tau and the ssu operons have been shown 

to be dependent on the CysB protein under the cys regulon as well as the closely related 

regulator protein, the ‘CysB-like’ protein, Cbl (141, 148–150). CysB, a global 
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transcriptional activator involved in regulating cysteine biosynthesis, organosulfur 

metabolism, and acid resistance in E. coli, was shown to induce expression of Cbl by 

binding to the promoter region of the cbl gene; the complementary regulation of Cbl by 

CysB places a tight control on the cellular response to sulfate starvation (151). Such tight 

control over expression suggests the TauD and SsuD systems may do more than simply 

relieve cellular sulfur starvation, but assist in protection during oxidative stress as well. 

However, the role of sulfonates within the bacterial life cycle has only been recognized 

recently. Interestingly, while open reading frames exhibiting characteristics of E. 

coli TauD have been identified in eukaryotic organisms like Saccharomyces 

cerevisiae (32% identity; accession number Z47973), SsuD appears to be exclusive to 

prokaryotic organisms (141). An alternative mechanism for sulfur acquisition has also 

been identified via the dibenzothiophene (DBT) desulfurization pathway, which is 

utilized by different strains of Rhodococcus sp. and the thermophilic 

bacterium Paenibacillus sp. strain A11-2 (152). In these organisms, two separate FMN-

dependent monooxygenases are involved in the acquisition of sulfur from DBT (153). 

The DszC FMN-dependent monooxygenase catalyzes the first two steps in the pathway, 

converting DBT to DBT sulfone, while a second FMN-dependent monooxygenase, 

DszA, converts DBT sulfone to 2-hydroxybiphenyl-2-sulfinite (Figure 1.9). This system 

represents the first pathway identified that utilizes a single FMN reductase to service two 

separate FMN-dependent monooxygenases in a reaction pathway. Nevertheless, discrete 

desulfonation systems with overlapping substrate ranges have been identified in most 

bacterial organisms in which sulfur-controlled sulfonate metabolism has been studied, 

suggesting an ever important necessity on the organism’s part to ensure execution of this 
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process. For instance, E. coli TauD exhibits a distinct preference for taurine as substrate, 

although it will also desulfonate short-chain alkanesulfonates (C4–C6), while SsuD has 

been shown to act on a wide range of sulfonated substrates with the noted exception of 

taurine (Table 1.2) (129, 150).  

Both tauABCD and ssuEADCB operons encode also for an ABC-type transporter 

system that assists in the scavenging and importation of extracellular sulfonates from the 

environment into the cell (129, 150). Once in the cell, the SSI proteins catalyze the 

generation of sulfite, which can then be further reduced through the sulfur assimilation 

pathway before being incorporated into sulfur-containing biomolecules. Initial studies 

showed that SsuD has a broad substrate range, and is capable of desulfonating C2 to C10 

alkanesulfonates and several substituted sulfonated compounds (129) (Table 1.2). 

However, one of the more intriguing physiological aspects of the ssu gene is the two-

component nature of the system: what, if any, is the evolutionary advantage to the 

monooxygenase component dependent on a separate FMN-dependent reductase (SsuE)?  

1.5 The Alkanesulfonate Monooxygenase System: Flavin Reductase Component 

With the exception of the FMN reductase involved in EDTA degradation, the 

FMN reductases of two-component systems that have been characterized are 

homodimers, and are usually smaller than their monooxygenase partner (107). The 

specificity for NADH or NADPH differs among FMN reductases with some capable of 

utilizing both. They can also differ as to whether a flavin is a tightly bound cofactor or a 

substrate in catalysis: for those that have a bound FMN cofactor, a second FMN substrate 

can either bind and be reduced by the bound flavin cofactor before being subsequently 

transferred to the monooxygenase. However, the latter mechanism has only been
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Table 1.2. Substrate ranges for SsuD and TauD. Research was originally 

presented in reference (128) 

 

 

Sulfonated substrate 
Relative activity 
SsuD TauD 

% 
Taurine 0.0 100.0 
N-Phenyltaurine 65.6 0.0 
4-Phenyl-1-butanesulfonic acid 42.4 2.5 
HEPES 10.6 5.0 
MOPS 36.4 34.2 
PIPES 29.2 3.1 
2-(4-Pyridyl)ethanesulfonic acid 87.4 0.5 
1,3-Dioxo-2-isoindolineethanesulfonic acid 100.0 30.1 
Sulfoacetic acid 19.8 —a 
L-Cysteic acid 0.0 0.0 
Isethionic acid 14.3 1.2 
Methanesulfonic acid 0.7 0.0 
Ethanesulfonic acid 5.2 0.8 
Propanesulfonic acid 14.0 2.3 
Butanesulfonic acid 17.8 8.4 
Pentanesulfonic acid 40.4 22.5 
Hexanesulfonic acid 43.8 11.3 
Octanesulfonic acid 46.3 — a 
Decanesulfonic acid 43.2 — a 
Dodecanesulfonic acid 20.1 3.3 
Tetradecanesulfonic acid 2.9 — a 
a relative activity was not determined 
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observed for FRaseI in the presence of bacterial luciferase (154). Reductases that do not 

contain a bound flavin cofactor transfer the reduced flavin substrate to the 

monooxygenase enzyme following reduction by the pyridine nucleotide. Interestingly, 

the amino acid sequences of these enzymes share few similarities. The SsuE enzyme was 

shown to utilize flavin as a substrate with no flavin being bound to the enzyme when 

purified (129, 155). Gel filtration and analytical ultracentrifugation experiments 

demonstrated SsuE to exist as a dimer in solution (155).  SsuE showed a higher 

preference for FMN over FAD a well as a 1000-fold higher affinity for the oxidized FMN 

substrate over the reduced product (129, 155, 156). In single-enzyme kinetic assays, SsuE 

followed an ordered sequential mechanism, with NADPH as the first substrate to bind 

and NADP+ as the last product to dissociate (155, 156). 

Results from studies on SsuE and SsuD indicate that each enzyme can influence 

the other’s kinetic parameters and mechanistic properties. For instance, although the 

steady-state kinetic parameters for SsuE were not altered with varying ratios of SsuD, the 

SsuE kinetic mechanism was changed to an equilibrium ordered mechanism in the 

presence of SsuD and saturating levels of octanesulfonate. This suggests the NADPH 

substrate and NADP+ product are in equilibrium with free enzyme (155–157). 

Additionally, a 10-fold increase in the Kd value for FMN was observed when SsuD and 

octanesulfonate were included in the reaction (155). This lower affinity for oxidized or 

reduced FMN by SsuE was proposed to be a mechanism designed to favor the rate of 

reduced flavin transfer to SsuD. The results demonstrate that the two enzymes serve to 

influence each other; the two-component nature of this system could have evolved as an 

efficient form of regulatory control, though the overall advantage remains unclear.   
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1.6 The Structural and Mechanistic Features of Alkanesulfonate Monooxygenase 

The location of both SsuE and SsuD on the same operon ensures that a flavin 

reductase is available to supply reduced flavin for the monooxygenase reaction during 

sulfur limitation. While the three-dimensional structure of SsuE remains a matter of some 

speculation, the members of monooxygenase components of the bacterial luciferase 

family have been shown to form a triosephosphate isomerase (TIM)-barrel fold, with the 

active site located at the C-terminal end of the β barrel (Figure 1.11) (120, 127, 128, 158). 

Each of the monooxygenases in this family exhibit several insertion regions throughout 

their TIM-barrel structures, one of which was largely unresolved in the three-dimensional 

structure in SsuD, suggesting conformational mobility in this region (Figure 1.12) (128, 

159). This disordered region lies near the putative active site of SsuD and is highly 

conserved in all SsuD homologs, suggesting loop closure over the active site occurs 

following the binding of substrate(s). The dynamics of this loop closure may be 

responsible for the conformational changes observed in kinetic studies (159, 160). In 

several TIM-barrel proteins, flexible loops have been shown to contribute to the structure 

of the enzyme active site and/or play a functional role both in the binding of substrates 

and in enzyme catalysis as closure of the loop over the active site protects the substrate 

and catalytic intermediates from exposure to bulk solvent (161–163).  

Recently, a structuring of the analogous loop in the α subunit of bacterial 

luciferase was observed in the three-dimensional structure of the enzyme: the loop was 

found to close over the active-site where oxidized FMN was bound (120). A similar 

structuring of the unresolved loop region in SsuD may also occur with the binding of 

substrates. Although SsuD variants containing partial deletions of the loop region are
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Figure 1.11. Three-dimensional representation of TIM-barrel structure of 

the SsuD monomer. The residues flanking the unresolved portion of the 

structure are highlighted in red. PDB ID:1M41 
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Figure 1.12. Topology diagrams illustrating the insertion regions of the 

bacterial luciferase family’s TIM-barrel structures. The unresolved regions 

of SsuD and bacterial luciferase are circled. 
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able to bind reduced flavin and exhibit no gross changes in secondary structure when 

compared to wild-type SsuD, they are ultimately catalytically inactive (159). This result 

indicates that these variants are unable to undergo the lid-gating conformational change 

necessary for catalysis. Rapid-reaction kinetic analyses also indicated that the SsuD 

deletion variants failed to protect reduced flavin from unproductive oxidation (159). This 

result gives rise to the possibility that the lid-gating mechanism may also be involved in 

mediating the transfer of reduced flavin from SsuE to SsuD as well as protecting flavin 

intermediates generated during catalysis from solvolysis.  

1.6.1 The Conserved Residues in Active-Site of SsuD 

Although a low level of overall sequence identity exists between members of the 

bacterial luciferase family, the active-sites of each enzyme are structurally similar and 

contain several conserved amino acid residues necessary for enzymatic activity (119, 

120, 127–129, 158, 164–168). E. coli SsuD in particular shares only a 15% sequence 

identity with V. harveyi lucifase LuxAB and a 16% sequence identity with thermophilic 

bacillus Geobacillus thermodenitrificans LadA. Nevertheless, an examination of the 

three-dimensional structure of each enzyme’s active site reveals conserved amino acid 

residues in similar, if not identical, spatial arrangements. These conserved residues are 

separated into two categories: those responsible for flavin binding and those involved 

directly in catalysis (Figure 1.13) (127–129).  

The degree of conservation of those amino acid residues involved in flavin 

binding is high. In SsuD, these amino acid residues are Val107, Phe7, Leu194, Thr195, 
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Figure 1.13. Three-dimensional structure of SsuD active-site. Conserved 

residues proposed to be involved in flavin binding are shown in green. 

Conserved amino acid residues proposed to be directly involved in 

catalysis are shown in grey. 
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Trp196, Arg127, Tyr128, Glu180 and Ser179 (Figure 1.13). The amino acid residues 

Val173, Phe6, Ile191, Ser193, Trp194, Arg107, Glu175 and Ser176 are required for 

flavin binding in LuxA, while Val135, Phe10, Leu246, Val244, Trp348, Arg157, Tyr 

158, Glu155 and Ser230 serve this purpose in LadA. Not only are the spatial 

arrangements of these amino acid residues similar in each enzyme, they form identical 

interactions with oxidized flavin in the three-dimensional structures of bacterial luciferase 

LuxAB and LadA. 

Although there are several conserved amino acid residues throughout the bacterial 

luciferase family, the importance of each amino acid varies depending on the enzyme. 

Amino acid residues Cys106, His44 and Tyr110 of LuxA and at Cys14, His17, Tyr63, 

Gln79, and His311 of LadA have all been identified as important to catalysis by site-

directed mutagenesis (Figure 1.13) (119, 120, 127–129, 158, 164–168). To date, only the 

three-dimensional structures of bacterial luciferase LuxAB and LadA have been 

determined with oxidized FMN bound to the enzyme, while a three-dimensional structure 

with reduced FMNH2 bound has yet to be determined for any member of the bacterial 

luciferase family. Substrate binding studies performed on bacterial luciferase and on 

SsuD have indicated a conformational change occurs in each enzyme (107, 120, 155, 

157, 160, 165, 169). As a result, the spatial arrangement of amino acid residues in the 

active-site during catalysis may be altered from that of the three-dimensional structure 

with oxidized FMN bound. The lack of a clear three-dimensional structure of the active 

enzyme conformer provides an additional challenge to understanding the catalytic 

mechanisms employed by each member of bacterial luciferase family. 
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1.6.2 The SsuD Catalytic Mechanism 

Despite extensive investigations, the details of the catalytic mechanisms employed by 

SsuD and related members of the bacterial luciferase family remain an enigma. In 

general, flavin monooxygenases activate O2 by generating a covalent flavin-oxygen 

adduct at the C4a position of the flavin isoalloxazine ring (60, 65, 72, 75, 107). Although 

the individual steps vary, the formation of this C4a-(hydro)peroxyflavin intermediate 

subsequently promotes a nucleophilic or electrophilic reaction that is integral to enzyme 

catalysis. In the bacterial luciferase family, proper coordination and stabilization of the 

enzyme intermediates during catalysis appear to be dependent on one or more 

conformational changes (107, 120, 155, 157, 160, 165, 169). For the bacterial luciferase 

and alkanesulfonate monooxygenase mechanisms, these intermediates have been 

proposed to proceed through a complex Baeyer-Villiger like reaction prior to the 

formation and release of their respective products (107, 120, 125, 155, 157, 160, 165, 

169). The structural and catalytic similarities observed between members of the bacterial 

luciferase family suggest that the catalytic mechanisms employed by each member share 

common characteristics. 

1.6.3 Proposed Mechanism for the SsuD Desulfonation reaction 
 
The reaction mechanism of SsuD involves a flavin mediated oxygenolytic 

cleavage of a primary alkanesulfonate substrate’s carbon-sulfur bond yielding a sulfite 

and a corresponding aldehyde as products (107, 128, 129, 155, 157, 160, 169, 170). The 

process of cleaving a stable carbon-sulfur bond is energetically demanding; the process of 

cleaving a carbon-sulfur bond via a flavin substrate is a mechanistically intriguing. As a 

result, a mechanism for the desulfonation of alkanesulfonate by SsuD was proposed and 
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several strategies for investigating the individual mechanistic steps were developed. One 

challenge to the elucidation of catalytic mechanisms involving two-component 

monooxygenases is that the reduced flavin cofactor acts as a substrate and not a 

prosthetic group. As a result, the binding of reduced flavin provides an additional 

substrate binding step that must be accounted for in the mechanism. It was demonstrated 

previously through a combination of biochemical and kinetic approaches that the 

alkanesulfonate substrate was able to bind to SsuD only after FMNH2 had bound first 

(160). The results indicated the SsuD reaction proceeds via an ordered binding substrate 

mechanism. Stopped-flow analyses also demonstrated the formation of a C4a-

hydroperoxyflavin intermediate during SsuD catalysis in the absence or at low 

concentrations of octanesulfonate substrate (160, 171). The relative stability of this C4a-

hydroperoxyflavin intermediate varies between the monooxygenases that comprise two-

component systems. In most flavin-dependent monooxygenases, the active-site forms a 

packed hydrophobic cavity that prevents the rapid breakdown of unstable flavin 

intermediates via a solvent-free environment (60, 65, 72, 75, 95, 96). In bacterial 

luciferase, the C4a-hydroperoxyflavin intermediate is stabilized sufficiently in the 

absence of aldehyde substrate to be isolated at 4 °C and identified with stopped-flow 

spectrophotometry using a photo-diode array (122, 124, 165–167). Conversely, the C4a-

hydroperoxyflavin intermediate signal is weak for the SsuD reaction and decomposes 

relatively rapidly even in the absence or at low concentration of octanesulfonate substrate 

(160, 171). Although the reason for this lack of C4a-hydroperoxyflavin intermediate 

stability in the SsuD reaction is unclear, several charged residues near the site of oxygen 
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activation have been identified as serving to stabilize this intermediate while also playing 

a direct role in the proposed mechanism. 

In the proposed mechanism, the C4a-peroxyflavin performs a nucleophilic attack 

on the sulfur group of the alkanesulfonate substrate followed by a Baeyer-Villiger 

rearrangement and the cleavage of the carbon-sulfur bond to generate the alkane 

peroxyflavin intermediate (Scheme 1.5, II). The release of the aldehyde product from the 

enzyme occurs following abstraction of a proton from the alkane peroxyflavin 

intermediate via a catalytic base (Scheme 1.5, III). Finally, a general acid is proposed to 

donate a proton to the FMNO- intermediate triggering a conformational change that opens 

the enzyme to solvation and promotes product release (Scheme 1.5, IV). The research 

presented in this dissertation serves as evidence to support the proposed mechanism.   

1.7 Summary 

The field of biochemistry represents an amalgam of disciplines which originated 

and developed independently of each other. As a result, modern biochemists have several 

techniques with and directions in which to approach the study of an enzyme. The 

mechanistic enzymologist utilizes kinetic and mechanistic techniques developed from 

organic, inorganic, and physical chemistry to better understand the line that separates 

random chemical processes from the deliberate manipulation of such processes exhibited 

by living organisms. In doing so, the mechanistic enzymologist explores the molecular 

framework of the enzyme itself in hopes of understanding better the processes governing 

the organism as a whole.  

In E. coli, SsuD is expressed when sulfate becomes limiting. The limitation 

induces the synthesis of a set of proteins involved in acquiring sulfur from
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alternative sources, primarily alkanesulfonates (107, 129, 150, 170). The enzyme is part 

of a two-component flavin-dependent monooxygenase system that has been identified in 

a diverse range of bacterial organisms. It is comprised of an independent NAD(P)H- 

dependent FMN reductase (SsuE) and a monooxygenase (SsuD). Together, they enable 

the organism to utilize a broad range of alkanesulfonates as alternative sulfur sources 

(107, 129, 170). Unlike a traditional flavin monooxygenase where both oxidative and 

reductive half reactions occur on the same enzyme, the alkanesulfonate monooxygenase 

system utilizes FMNH2 supplied by SsuE to alleviate periods of limited sulfur 

bioavailability. SsuE transfers FMNH2 to SsuD which activates dioxygen in order cleave 

the carbon-sulfur bond of alkanesulfonates releasing sulfite and the corresponding 

aldehyde (Scheme 1.5) (107, 160). 

Flavoproteins are capable of catalyzing various reactions including oxidation, 

dehydrogenation, reduction, and oxygenation. Like many flavin monooxygenases, SsuD 

is proposed to activate dioxygen by generating a covalent flavin-oxygen adduct at the 

C4a position of the flavin isoalloxazine ring (60, 72, 95, 107, 160). Although the 

individual steps vary between enzymes, the formation of this C4a-(hydro)peroxyflavin 

intermediate typically promotes a nucleophilic or electrophilic reaction that is integral to 

enzyme catalysis (60, 61, 72, 75, 95, 96). The relative stability of this C4a-

hydroperoxyflavin intermediate varies between the monooxygenases that comprise two-

component systems and is often dependent on the active site environment (107, 122, 165, 

169, 172). Typically, the active-sites of flavin monooxygenases are lined with 

hydrophobic amino acid residues that limit the rapid breakdown of unstable flavin 

intermediates by preventing solvation during catalysis (60, 65, 72, 104, 120). Previous 
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studies on SsuD have indicated that proper coordination and stabilization of the enzyme 

intermediates during catalysis appear to be dependent on one or more conformational 

changes (159, 169, 171). These conformational changes have been proposed to stabilize 

the flavin intermediate via formation of the hydrophobic cavity necessary to prevent 

solvation.  

SsuD has been proposed to promote the oxygenolytic cleavage of a carbon-sulfur 

bond via acid-base catalysis. Despite extensive investigations, the details of the catalytic 

mechanism employed by the alkanesulfonate monooxygenase system remain an enigma 

(107, 160, 169, 171). As a result, the catalytic mechanism for SsuD was evaluated using 

several different kinetic approaches including steady-state pH dependence studies, 

solvent deuterium and substrate deuterium kinetic isotope effects, temperature dependent 

studies, and single turnover kinetics. These combined results have served to identify key 

chemical steps of the proposed catalytic mechanism. 
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CHAPTER TWO 
 

 
Identification of Critical Steps Governing the Two-Component Alkanesulfonate 

Monooxygenase Catalytic Mechanism 

Chapter 2  

2.1 INTRODUCTION 
 

In Escherichia coli, sulfur limitation induces the synthesis of a set of proteins 

involved in acquiring sulfur from alternative sources (107, 150). The two-component 

alkanesulfonate monooxygenase system, composed of a flavin reductase (SsuE) and an 

alkanesulfonate monooxygenase (SsuD), enables the organism to utilize a broad range of 

alkanesulfonates as alternative sulfur sources (150). The SsuE enzyme catalyzes the 

reduction of FMN by NAD(P)H, and the reduced flavin is transferred to SsuD (Scheme 

2.1). In the proposed mechanism for desulfonation, FMNH2-bound SsuD activates 

dioxygen to form a C4a-(hydro)peroxyflavin intermediate that is thought to cleave the 

carbon-sulfur bond of the alkanesulfonate substrate resulting in the release of sulfite and 

the corresponding aldehyde (Scheme 2.2) (157). 

 Efforts to elucidate the catalytic mechanisms of flavin-dependent monooxygenase 

systems continue to be an area of active research. Elucidating catalytic mechanisms of 

two-component monooxgenases has proven to be particularly challenging in that the 
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Scheme 2.1. The Catalytic Cycle of the Alkanesulfonate Monooxygenase 

System 
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reduced flavin cofactor acts as a substrate and not as a prosthetic group. The binding of 

the reduced flavin substrate provides an additional step that must be accounted for in the 

kinetic mechanism, as substrate binding and release steps in both SsuD and bacterial 

luciferase have been linked to one or more conformational changes during catalysis (107, 

120, 127–129, 148, 150, 155–160, 164, 165, 169, 171). In our previous studies, the 

mechanism of SsuD was probed by a combination of biochemical and kinetic approaches 

(160, 169, 171). The octanesulfonate substrate was unable to bind to SsuD until FMNH2 

was first bound, which implied an ordered substrate binding mechanism in the SsuD 

reaction. In addition, evidence for the formation of a C4a-(hydro)peroxyflavin 

intermediate was obtained by stopped-flow kinetic analyses in the absence or at low 

concentrations of octanesulfonate (6, 8). In the proposed mechanism, the C4a-

peroxyflavin performs a nucleophilic attack on the sulfur group of the alkanesulfonate 

substrate followed by a Baeyer-Villiger rearrangement leading to the cleavage of the 

carbon-sulfur bond to generate the alkane peroxyflavin intermediate (Scheme 2.2, III). A 

catalytic base has been proposed to abstract a proton from the alkane peroxyflavin 

intermediate, leading to the release of the aldehyde product from the enzyme following 

rearrangement (Scheme 2.2, III). Finally, a general acid is proposed to donate a proton to 

the FMNO- intermediate triggering a conformational change that opens the enzyme to 

solvation and promotes product release (Scheme 2.2, IV). Unfortunately, there is little 

information regarding the exact structures of proposed SsuD isomers. Therefore, 

identification of the catalytic base and acid would provide valuable information to 

support the proposed desulfonation mechanism by SsuD. 
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Scheme 2.2. The proposed catalytic mechanism of the SsuD desulfonation 

reaction 
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Although the amino acid sequence identity is low, SsuD is similar in overall 

structure to the flavin-dependent monooxygenases bacterial luciferase and long-chain 

alkane monooxygenase (LadA) as each of these FMN-dependent monooxygenases 

display similar TIM barrel architectures (127–129, 148, 158, 164, 165). For bacterial 

luciferase and SsuD, the binding of reduced flavin induces an apparent conformational 

change leading to an altered active site environment from the apo-enzyme structure (120, 

165, 169). While three-dimensional structures with oxidized flavin bound within the 

active site have been obtained for bacterial luciferase and LadA, structures with the 

reduced flavin bound within the active site have remained elusive for all two-component 

systems (120, 127). Although there is no three-dimensional structure available for SsuD 

with substrates bound, the location of the active site of the enzyme has been postulated 

based on chemical labeling, computer simulations, and structural similarities to bacterial 

luciferase and LadA (Figure 2.1). Since the Kd value for FMN and SsuD is higher than 

for FMNH2, it is reasonable to conclude that the active site environment of SsuD would 

be different between the oxidized and reduced flavin bound enzyme (120, 155–157, 160, 

169). Therefore, even modeling FMN and 1-octanesulfonate into the active site of SsuD 

based on its close structural homology to bacterial luciferase and LadA would provide 

only a limited understanding of the active site environment during catalysis. As a result, 

site-directed mutagenesis, steady-state kinetic assays, pH dependence, and single-

turnover rapid-reaction kinetic studies were employed in order to provide a more 

complete picture of the active site environment of alkanesulfonate monooxygenase as the 

desulfonation reaction occurs. 
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Figure 2.1. The putative active site of SsuD. The Arg226 guanidinium 

nitrogen is 7.6 Å from the N1 position of the flavin (yellow) and 4.5 Å 

from the C1 position of the 1-octanesulfonate substrate (green). The 

His228 Nε2 is 3.9 Å from the guanidinium moiety of Arg226. The Cys54 

thiol is 6.6 Å away from the C1 position of the 1-octanesulfonate substrate 

and 10.2 Å from the guanidinium moiety of Arg226.  The active site was 

rendered with PyMOL (PDB ID:1M41), FMN was modeled using its 

coordinates in LadA (PDB ID: 3B9O), and AutoDock was used to model 

octanesulfonate  (127, 128). 
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Several amino acids (His228, His11, His333, Cys54, and Arg226) located in the 

active site of SsuD are in a similar arrangement as catalytically relevant amino acids from 

bacterial luciferase and LadA (Figure 2.1) (120, 127–129, 158, 164). In our proposed 

model, an active site base would be involved in proton abstraction from the 

alkanesulfonate peroxyflavin adduct, leading to the formation of the aldehyde product 

(Scheme 2.2, III). In bacterial luciferase, His44 in the α-subunit was previously identified 

as the catalytic base in the bioluminescence reaction as mutation of this histidine residue 

to an alanine showed a decrease in bioluminescence activity (166, 167). The enzymatic 

activity could be rescued with the addition of imidazole to the reaction at increasing pH 

(167). Substitution of His311 in LadA to a phenylalanine was also shown to reduce 

activity of the LadA enzyme (127). As a result, His228 of SsuD was suggested as a 

potential active site base in the desulfonation reaction based on its structural similarity to 

His44 and His311 in bacterial luciferase and LadA, respectively. (120, 127–129, 158, 

164, 166, 167). Additionally, the proposed catalytic mechanism for SsuD includes an 

active-site acid that would be involved in protonation of the FMNO- intermediate prior to 

product release. Cys54 of SsuD was identified as a residue of potential catalytic 

importance due to its structural similarity to conserved Cys106 of bacterial luciferase and 

Cys14 of LadA (119, 122, 124, 127, 128, 166–168). Although chemical labeling of 

Cys54 SsuD with methyl mercury led to inactivation of the enzyme, the Cys54 residue 

was not shown to play a direct role in catalysis (171). As a result, Arg226 of SsuD was 

identified as the possible active-site acid due to its location within the active site and the 

conserved nature of this residue in bacterial SsuD homologs. Further evaluation of these 

amino acids in the form of chemical rescue, substrate binding, and single-turnover rapid-



66 
 

reaction kinetic studies illuminated crucial steps governing the catalytic mechanism of 

the SsuD desulfonation reaction. 
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2.2 EXPERIMENTAL PROCEDURES 

 
2.2.1  Materials 

 E. coli strains (XL-1 and BL21(DE3)) and QuickChange site-directed mutagenesis kit 

were purchased from Stratagene (La Jolla, CA). Plasmid vectors and pET21a were 

obtained from Novagen (Madison, WI). DNA primers were synthesized by Invitrogen 

(Carlsbad, CA). Flavin mononucleotide phosphate (FMN), reduced nicotinamide adenine 

dinucleotide phosphate (NADPH), ethylenediaminetetraacetic acid (EDTA), potassium 

phosphate (monobasic anhydrous and dibasic anhydrous), streptomycin sulfate, Trizma 

base, Bis-Tris, glycine, ammonium sulfate, ampicillin, dimethyl sulfoxide (DMSO), 5,5-

dithiobis(2-nitrobenzoic acid) (DTNB), glucose, glucose oxidase, lysozyme, guanidine, 

and urea were from Sigma (St. Louis, MO). Isopropyl-β-D-thiogalactoside (IPTG), 

sodium chloride, and glycerol were obtained from Fisher Biotech (Pittsburgh, PA). 1-

octanesulfonate and dithiothreitol (DTT) were purchased from Fluka (Milwaukee, WI). 

The SsuD and SsuE enzymes were expressed and purified as previously described (155). 

The concentrations of SsuD and SsuE proteins were determined from A280 measurements 

using a molar extinction coefficient of 47.9 mM-1 cm-1 and 20.3 mM-1 cm-1, respectively 

(155). 

2.2.2 Construction of variant proteins  

  A recombinant pET21a plasmid containing the ssuD gene was used to construct 

variants of the SsuD enzyme. Primers for each variant were designed as 29 base 
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oligonucleotides containing the desired mutation. The CAT codon for His228, His11, and 

His333 was replaced with GCG (H228A, H11A, and H333A). The CGT codon for 

Arg226 was replaced with CGC (R226A), AAA (R226K), and CAT (R226H). The 

variant constructs were confirmed by DNA sequencing analysis at Davis Sequencing 

(University of California, Davis). Confirmed variants were transformed into E. coli 

BL21(DE3) competent cells for protein expression and stored at  –80 ˚C. Each SsuD 

variant protein was purified as previously reported (155).  

2.2.3 Circular dichroism spectroscopy  

  Circular dichroism (CD) spectra of wild-type SsuD and variants were obtained by 

mixing 1.2 μM of enzyme in 10 mM potassium phosphate buffer, pH 7.5, and 100 mM 

NaCl at 25 ˚C. Spectra were recorded on a Jasco J-810 Spectropolarimeter (Easton, MD). 

Measurements were taken in 0.1 nm increments from 300 to 185 nm in a 0.1 cm path 

length cuvette with a bandwidth of 1 nm and a scanning speed of 50 nm/min. Each 

spectrum is the average of eight scans.  Background correction was performed using the 

default parameters within the Jasco J-720 software. 

2.2.4 Dependence of Kinetic Parameters on pH  

  The activities of the H228A, H11A, H333A, C54A and wild-type SsuD enzymes 

were routinely assayed at 25 °C as previously described with the following 

modifications: reactions employed a range of 1-octanesulfonate concentrations (10−5000 

μM) in either 50 mM Bis-Tris (pH range of 5.8–7.2), 50 mM Tris-HCl (pH range of 7.2-

9.0), or 50 mM glycine (pH range of 9.0-10.0) (129, 160, 171). Higher enzyme 

concentrations were utilized for the R226A, R226K, and R226H SsuD enzymes due to 

decreased activity. For those variants, reactions were initiated by the addition of NADPH 
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(500 μM) into a reaction mixture containing a SsuD variant (3 μM; R226A, R226K, or 

R226H SsuD), SsuE (9 μM), FMN (5 μM), and a range of 1-octanesulfonate 

concentrations (10−5000 μM) in 50 mM Tris-HCl (pH 7.5) at 25 °C. Each buffered 

solution was supplemented with 100 mM sodium chloride to maintain the ionic strength, 

and overlapping assays were performed in Bis-Tris and Tris-HCl at pH 7.2 and in Tris-

HCl and glycine at pH 9.0 in order to ensure activity was independent of the buffer used. 

All assays were performed in triplicate, and steady-state kinetic parameters were 

determined by fitting the data to the Michaelis-Menten equation. The pH dependence of 

kcat and kcat/Km were best fit to either a single ionization model (equation 2.1), double 

ionization model (equation 2.2), or a single ionization model with a sticky proton 

(equation 2.3). 

                              (equation 2.1) 

                          (equation 2.2) 

      
(equation 2.3) 

In equations 2.1—2.3, H is [H+], y is kcat or kcat/Km, C is the pH independent value of y, 

and K1, K2, and K3 represent the dissociation constant for groups on the SsuD-FMNH2 

complex. The pH stability of SsuD was determined by preincubating 20 μM enzyme in 

the appropriate buffer (pH 5.8-10.0) at 25 °C for 30 min. The preincubated SsuD (0.2 

μM) was then assayed as previously described in 50 mM Tris-HCl, at pH 7.5, and 100 

mM NaCl. The activity of SsuE was assayed as previously described monitoring NADPH 

oxidation at A340 in a reaction mixture containing 0.6 μM FMN and 0.04 μM SsuE (155). 
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The effect of pH on the kinetic parameters of wild-type SsuE was determined by 

performing a series of activity assays with varied NADPH concentrations (10- 200 μM) 

in 50 mM Bis-Tris (pH range of 5.8–7.2), 50 mM Tris-HCl (pH range of 7.2-9.0), or 50 

mM glycine (pH range of 9.0-10.0). 

2.2.5 Substrate Binding Affinity  

 Binding of reduced flavin to the variant SsuD enzymes was monitored by 

spectrofluorimetric titration as previously described (160). FMNH2 solutions containing 

EDTA (10 mM), glucose (20 mM), and glucose oxidase (10 units) were prepared by 

bubbling the solution in a glass tonometer with argon gas as previously described (160) 

The resulting anaerobic solution was then photoreduced by irradiation for 30 min. A 

solution of R226A or R226K SsuD (0.5 μM) in 25 mM potassium phosphate, pH 7.5, 

10% glycerol, and 100 mM NaCl (1.0 mL total volume) was titrated with a solution of 

FMNH2 (0.26-8.26 µM) under anaerobic conditions. After excitation at 280 nm, the 

fluorescence emission intensity at 344 nm was recorded following each addition of 

FMNH2. Bound FMNH2 was determined using the following equation:  

                   (equation 2.4) 

 where [S]bound represents the concentration of enzyme-bound substrate. [E] represents the 

initial concentration of enzyme, I0 is the initial fluorescence intensity of enzyme prior to 

the addition of substrate, Ic is the fluorescence intensity of enzyme following each 

addition, and If is the final fluorescence intensity. The concentration of FMNH2 bound 

was plotted against the free substrate to obtain the dissociation constant (Kd) according to 

equation 2.5. 

f0
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    (equation 2.5) 

Y and X represent the concentration of bound and free substrate, respectively, following 

each addition. Bmax is the maximum binding at equilibrium with the maximum 

concentration of substrate.  

Octanesulfonate binding to the SsuD variants was investigated as previously 

described by similar fluorimetric titration methods employed for flavin binding (160). 

Aliquots of an anaerobic solution of octanesulfonate (2.5—108 µM) in an airtight 

titrating syringe were added to an anaerobic solution of either R297A or R297K SsuD (1 

μM), with FMNH2 (2 μM) in 25 mM potassium phosphate, pH 7.5, 10% glycerol, and 

100 mM NaCl (1.0 mL total volume). The fluorescence spectrum for each titration was 

recorded with an excitation wavelength at 280 nm and emission intensity measurements 

at 344 nm. The concentration of 1-octanesulfonate bound was determined by equation 

2.4, and was plotted against the free substrate to obtain the dissociation constant (Kd) 

according to equation 2.5. 

2.2.6 Rapid reaction kinetic analyses  

  Stopped-flow kinetic analyses were carried out as previously described using an 

Applied Photophysics SX.18 MV stopped-flow spectrophotometer (160). All experiments 

were performed by mixing FMNH2 (25 μM) in one drive syringe against SsuD (35 μM) 

in air-saturated buffer (25 mM Tris-HCl, pH 8.5, 100 mM NaCl) in the other drive 

syringe. When included in the reaction, varied concentrations of 1-octanesulfonate (20–

1000 μM) were added to the SsuD solution in air-saturated buffer. All experiments were 

carried out in single-mixing mode by mixing equal volumes of the solutions, and the 

reactions monitored by the change in absorbance at 370 and 450 nm over 100 seconds. 

XK
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Kinetic traces were fit to the following equation with KaleidaGraph software (Abelbeck 

Software, Reading, PA): 

 
       (equation 2.6) 

where k1 and k2 are the apparent rate constants, A is the absorbance at time t, A1, and A2, 

are amplitudes of each phase, and C is the absorbance at the end of the reaction. 

2.2.7 Guanidinium rescue experiments  

  Two experimental conditions were used in order to evaluate the ability of 

guanidinium to compensate for the arginine amino acid in R226A SsuD. In the first 

experiment, the enzymatic activity of R226A SsuD was determined by conducting the 

previously described activity assay with 1-octanesulfonate (1 mM) and a range of 

guanidine concentrations (5-200 mM) in 50 mM Bis-Tris (pH range of 5.8–7.2), 50 mM 

Tris-HCl (pH range of 7.2-9.0), or 50 mM glycine (pH range of 9.0-10.0). The second 

experiment focused on the effect of guanidinium on the steady-state kinetic parameters of 

R226A SsuD by measuring the enzymatic activity with varying concentrations of 

octanesulfonate (10−5000 μM) in the presence of 100 mM guanidine-HCl in 50 mM Bis-

Tris (pH 6.2), 50 mM Tris-HCl (pH 7.5), or 50 mM glycine (pH 9.5). For each 

experimental condition, the reactions were initiated with NADPH (500 μM) into a 

reaction mixture containing R226A SsuD (3.0 μM), SsuE (9.0 μM), and FMN (5.0 μM). 

Control experiments were performed where guanidine and/or R226A SsuD were not 

included in the reaction. The sulfite product was quantified as previously described (129, 

160).

A = A1 exp(−k1t)+ A2 exp(−k2t)+C
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2.3 RESULTS 

 
2.3.1 Dependence of wild-type SsuD kinetic parameters on pH  

In order to gain insight into catalytically relevant ionizations governing the 

desulfonation reaction of SsuD, the kcat and kcat/Km values for wild-type SsuD were 

measured as a function of pH from pH 5.8-10.0. SsuD showed optimal catalytic activity 

between pH 7.2-8.5 where the pH independent value was found to be 93 ± 5 min-1 for kcat, 

and 1.9 ± 0.1 µM-1 min-1 for kcat/Km (Table 2.1). SsuD was found to be soluble over the 

entire experimental pH range, as full activity was restored when SsuD that had been 

preincubated at specific experimental pH values was introduced into an activity assay at 

pH 7.5. The pH dependence of kcat for SsuD revealed two titratable residues with pKa 

values of 6.6 ± 0.1 and 9.5 ± 0.1 (Table 2.1). These results indicate that a group with a 

pKa value of around 6.6 must be deprotonated, and a group with a pKa value of around 

9.5 must be protonated to support catalysis up through product release. Interestingly, only 

one titratable amino acid residue with a pKa value of 6.9 ± 0.1 was extrapolated from the 

pH dependence of kcat/Km, suggesting that a functional group on the free enzyme or 

substrate must be deprotonated in order to commit through the first-irreversible step. 

Since the SsuD enzyme works in conjunction with the SsuE enzyme as part of a two-

component system, pH dependence controls were performed in order to verify that the 

experimental pKa values were not attributable to functional groups participating in
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 kcat  
(min-1)  kcat/Km 

(µM-1 min-1) 

SsuD 
pK1 pK2  pK 

wild-type 6.6 ± 0.1 9.5 ± 0.1  6.9 ± 0.1 

H228A  6.6 ± 0.1 9.6 ± 0.1  7.1 ± 0.1 

H11A  6.8 ± 0.2 9.5 ± 0.2  7.0 ± 0.1 

H333A  6.6 ± 0.1 9.5 ± 0.1  7.0 ± 0.1 

C54A  6.3 ± 0.1 —a 7.2 ± 0.2 

a Value could not be determined within the experimental 

pH range 

 

 

 

 

Table 2.1. pH dependence of steady-state kinetic parameters for wild-type 

SsuD and variants 
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the SsuE reductase half-reaction (data not shown). The SsuE reductase half-reaction did 

not demonstrate any dependence on pH over the experimental range suggesting that 

experimental pKa values can be attributed solely to functional groups on the SsuD 

enzyme and/or its substrates. 

2.3.2 pH Dependence of SsuD variants 

  In an effort to identify the groups contributing to the pKa values governing the pH 

dependence of kinetic parameters for wild-type SsuD, several SsuD variants were 

constructed with substitutions at amino acid groups likely to be responsible for these pKa 

values. The pKa values of 6.6 ± 0.1 and 6.9 ± 0.1 seen for the pH dependences of kcat and 

kcat/Km, respectively, are similar to those that might be expected for a histidine residue 

acting as an active site base in an enzyme (119, 127–129, 158, 164, 166, 167, 173). As a 

result, pH dependent studies were conducted on H228A, H11A, and H333A SsuD in 

order to determine whether the absence of the imidazole functional group at these 

positions resulted in a shift in or absence of the pKa in the corresponding pH profiles 

compared to wild-type SsuD. For H228A SsuD, the pH independent value was 57 ± 2 

min-1 for kcat and 0.54 ± 0.07 µM-1 min-1 for kcat/Km. For H11A and H333A SsuD, the pH 

independent value was 66 ± 3 min-1 for kcat and 82 ± 2 min-1, respectively, and 2.1 ± 0.2 

µM-1 min-1 and 1.8 ± 0.2 µM-1 min-1 for kcat/Km, respectively (Table 2.2). The pH 

dependence of kcat and kcat/Km for each of the SsuD variants revealed titratable groups 

with pKa values similar to those determined for the wild-type enzyme (Table 2.1). The 

results indicated that neither of these histidine residues was contributing exclusively to 

the lower pKa value in the kcat nor kcat/Km pH dependence profile for wild-type SsuD. 

Interestingly, the presence of a slight “hollow” in the kcat pH profile for H228A and
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Figure 2.2. pH dependence of H228A and H11A SsuD activity. Reactions 

were initiated by the addition of NADPH (500 μM) into a reaction mixture 

containing H228A SsuD (0.2 μM), SsuE (0.6 μM), FMN (2 μM), and a 

range of octanesulfonate concentrations (10−5000 μM) in either 50 mM 

Bis-Tris (pH range of 5.8–7.2), 50 mM Tris-HCl (pH range of 7.2-9.0), or 

50 mM glycine (pH range of 9.0-10.0) and 100 mM sodium chloride at 

25°C. pH dependence of H228A SsuD (●) A: kcat values B: kcat/Km values; 

pH dependence of H11A SsuD (▲) C: kcat values D: kcat/Km values. Each 

point is the average of at least three separate experiments. Solid lines for A 

and C are fits of the data to equation 2.3. 
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kcat  

(min-1) 
kcat/Km  

(µM-1 min-1) 
WT SsuDa 93 ± 5 1.9 ± 0.1 
H228A SsuD 57 ± 2 0.54 ± 0.07 
H11A SsuD 66 ± 3 2.1 ± 0.2 
H333A SsuD 82 ± 2 1.8 ± 0.2 
C54A SsuDa 16 ± 1 0.43 ± 0.08 
R226A SsuD  NDb ND 
R226K SsuD ND ND 
R226A SsuD 
with 100 mM 
Guanidine 

1.26 ± 0.08   0.008 ± 0.002 

a Values were obtained under current 
experimental conditions. Previously reported 
values were in 25 mM phosphate buffer.25, 27  
b No activity detected 

 

 

 

 

Table 2.2. pH independent steady-state kinetic parameters for wild-type 

SsuD and variants 
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H11A SsuD and “hump” in the kcat/Km pH profile for H228A SsuD suggested the 

presence of a sticky substrate with these variants (Figure 2.2). The H228A SsuD variant 

in particular appears to promote the dissociation of this ionizable group proton when 

octanesulfonate is present (173, 174). Despite this intriguing result, the overall impact on 

SsuD activity as a result of the alanine substitutions to these positions was negligible. As 

a result, neither amino acid residue was considered essential to catalysis.  

 The upper pKa value of 9.5 ± 0.1 for the pH dependence of kcat for wild-type SsuD 

was consistent with the value for a cysteine residue within the active site (171, 173). For 

C54A SsuD, the pH independent values for kcat and kcat/Km correspond with the five-fold 

decrease in activity reported previously (Table 2.2) (171). The decrease in activity for 

C54A SsuD supports the possibility that Cys54 could be contributing to the upper pKa 

value at 9.5 ± 0.1 for kcat. Interestingly, the cysteine to alanine substitution resulted in the 

elimination of the upper pKa value from the kcat pH profile. The pH dependence of kcat for 

C54A SsuD revealed only a single titratable group with an apparent pKa value of 6.3 ± 

0.1, and a single titratable group with an apparent pKa value consistent to that of wild-

type SsuD for the pH dependence of kcat/Km (Table 2.1). These pKa values are apparent 

because the pH dependence data were fit to equation 2.1 for comparison with the values 

obtained for wild-type SsuD. However, “hollows” present in both the kcat and kcat/Km pH 

profiles for C54A SsuD indicate the presence of a sticky proton in the enzyme-substrate 

complex (Figure 2.3C and D)(173, 174). When fitted to equation 2.3, the kcat/Km pH 

profile for C54A SsuD revealed three pH dependent terms with values of 7.0 ± 0.5, 7.8 ± 

0.2, and 6.0 ± 0.5. Similar pKa values of 7.1 ± 0.7, 7.4 ± 0.6, and 5.8 ± 0.5 were also 

obtained for the kcat pH profile. These results indicate that the cysteine to
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Figure 2.3. pH dependence of wild-type and C54A SsuD activity. 

Reactions were initiated by the addition of NADPH (500 μM) to a reaction 

mixture containing wild-type SsuD (0.2 μM), SsuE (0.6 μM), FMN (2 

μM), and a range of octanesulfonate concentrations (10−5000 μM) in 

either 50 mM Bis-Tris (pH range of 5.8–7.2), 50 mM Tris-HCl (pH range 

of 7.2-9.0), or 50 mM glycine (pH range of 9.0-10.0) and 100 mM sodium 

chloride at 25°C. Due to decreased activity, reactions with C54A SsuD 

employed increased concentrations of C54A SsuD (1.2 μM), SsuE (3.6 

μM), and FMN (5 μM). pH dependence of wild-type SsuD (●) A: kcat 

values, B: kcat/Km values; pH dependence of C54A SsuD (■) C: kcat values, 

D: kcat/Km values. Each point is the average of at least three separate 

experiments. Solid lines for A, B, C, and D are the fits of data to equation 

2.2, equation 2.1, equation 2.3, and equation 2.3 respectively. 
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alanine substitution causes the proton associated with the ionizable group on the acidic 

limb of the pH profile to become sticky when octanesulfonate is present (173, 174).   

Despite arginine having a pKa of 12.5 in free solution, the active-site residue, 

Arg226, was identified as a group potentially contributing to the pKa value at 9.5 ± 0.1 

for the pH dependence of kcat. While current and previous experimental evidence 

dismissed the possibility of Cys54 serving as the active-site acid in SsuD, nearby Arg226 

was found to be in close proximity to the pKa value of an active-site arginine during 

catalysis (171, 173–177). Interestingly, catalytic sulfite production was not detected over 

the pH range for those assays involving R226A or R226K SsuD, even at increased 

protein concentrations. The absorbance values at 412 nm for 2-nitro-5-benzoic acid 

production were similar to the absorbance values obtained in control experiments in the 

absence of enzyme. The absorbance values were below the detectable limit for sulfite of 

4 μM. As a result, pH independent and dependent kcat and kcat/Km values could not be 

determined for R226A or R226K SsuD. The lack of activity seen with these SsuD 

variants supports Arg226 as the active-site acid contributing to the upper pKa value at 9.5 

± 0.1 for kcat. 

2.3.3 Substrate Binding Affinity 

  Fluorescent titrations were performed to determine if the lack of detectable 

activity was due to a disruption in substrate binding. To evaluate flavin binding, FMNH2 

was titrated into a sample of R226A or R226K SsuD and the spectra recorded with an 

excitation wavelength at 280 nm and emission intensity measurements at 344 nm. Each 

Arg226 SsuD variant had comparable Kd values for FMNH2 binding as wild-type SsuD 

(1.49 ± 0.24 and 2.02 ± 0.25 μM for R226A or R226K SsuD, respectively) (Figure 2.4),
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Figure 2.4. Emission intensity measurements at 344 nm were measured 

using an excitation wavelength at 280 nm. The change in the emission 

intensity at 344 nm following each addition of FMNH2 was converted to 

the estimated concentration of bound FMNH2 to SsuD (equation 2.4) and 

plotted against the concentration of free FMNH2. A: The titration of 

R226A SsuD enzyme (0.5 µM) with FMNH2 (0.26-8.26 µM). B: The 

titration of R226K SsuD enzyme (0.5 µM) with FMNH2 (0.26-8.26 µM). 

The solid line in each plot represents the fit of the titration curve to 

equation 2.5. Each titration was performed in triplicate. 
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suggesting that substitution of the arginine residue to either lysine or alanine did not alter 

the binding affinity of FMNH2 (160). Titrations were also performed to determine if there 

was a measurable change in the affinity for 1-octanesulfonate binding to the Arg226 

SsuD variants with FMNH2 bound. The Kd value for 1-octanesulfonate binding to each 

SsuD variant/FMNH2 complex was 10.5 ± 1.1 and 20.1 ± 2.5 μM for R226A or R226K 

SsuD, respectively (Figure 2.5). These Kd values are comparable to the values obtained 

for wild-type SsuD (17.5 ± 0.9 μM) and suggest that substitution of the arginine residue 

to either lysine or alanine does not alter the binding of 1-octanesulfonate to the SsuD 

variant/FMNH2 complex in fluorescent titrations (160). Therefore, the absence of activity 

in the Arg226 SsuD variants was not due to substantial changes in the binding affinity for 

FMNH2 or 1-octanesulfonate.  

2.3.4 Rapid Reaction Kinetic Analyses 

  The role of Arg226 in the desulfonation reaction was further evaluated through 

rapid reaction kinetic analyses to determine if modification of the flavin oxidation steps 

were responsible for the lack of activity observed with the Arg226 SsuD variants. The 

oxidation of FMNH2 by R226A or R226K SsuD in the absence or presence of 1-

octanesulfonate (10-500 μM) was monitored at 450 nm by stopped-flow kinetic analyses. 

The kinetic traces obtained at 450 nm for each variant represent the oxidation of reduced 

flavin (Figure 2.6A and B). The kinetic traces were best fit to a double exponential 

equation, and the rate constants obtained either with or without octanesulfonate were 

within error the same as the values obtained for wild-type SsuD (160). Additional studies 

were performed monitoring the oxidation of FMNH2 by R226A or R226K SsuD in the 
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Figure 2.5. Emission intensity measurements at 344 nm were measured 

using an excitation wavelength at 280 nm. The change in the emission 

intensity at 344 nm following each addition of 1-octanesulfonate was 

converted to the estimated concentration of bound 1-octanesulfonate to 

SsuD-FMNH2 enzyme complex (equation 2.4) and plotted against the 

concentration of free octanesulfonate. A: The titration of R226A SsuD-

FMNH2 enzyme complex. R226A SsuD (1 µM) was premixed with 

FMNH2 (2 µM) and titrated with 1-octanesulfonate (0.25-108 µM). B: The 

titration of R226K SsuD-FMNH2 enzyme complex. R226K SsuD (1 µM) 

was premixed with FMNH2 (2 µM) and titrated with 1-octanesulfonate 

(0.25-108 µM). The solid line in each plot represents the fit of the titration 

curve to equation 2.5. Each titration was performed in triplicate.  
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absence or presence of 1-octanesulfonate (10-500 μM) at 370 nm (Figure 2.6A and B). 

The kinetic traces at 370 nm for R226A SsuD were best fit to a double-exponential 

equation with rate constants of 2.24 ± 0.10 s-1 (k1) and 0.41 ± 0.03 s-1 (k2) in the absence 

of octanesulfonate (Figure 2.6A, ●), and 1.90 ± 0.02 s-1 (k1) and 0.40 ± 0.01 s-1 (k2) with 

the addition of octanesulfonate (Figure 2.6A, ○). Kinetic traces at 370 nm for R297K 

SsuD were also best fit to a double-exponential equation with similar rate constants 

within error as R297A SsuD, 2.09 ± 0.03 s-1 (k1) and 0.26 ± 0.01 s-1 (k2) in the absence of 

octanesulfonate (Figure 2.6B, ●), and 2.14 ± 0.04 s-1 (k1) and 0.27 ± 0.05 s-1 (k2) with 

octanesulfonate included in the reaction (Figure 2.6B, ○). The rate constants were similar 

to the values obtained from the kinetic traces of the Arg226 SsuD variants monitored at 

450 nm, indicating that the C4a-(hydro)peroxyflavin intermediate was never formed. The 

C4a-(hydro)peroxyflavin intermediate has an absorbance peak observable at 370 nm, but 

not at 450 nm (160). In kinetic traces of wild type SsuD at 370 nm in the absence and at 

low concentrations (<100 μM) of octanesulfonate an initial phase corresponding to the 

formation of the C4a-(hydro)peroxyflavin intermediate was previously observed (160). 

With the Arg226 SsuD variants, there was no initial phase identified at 370 nm, and the 

corresponding kinetic trace essentially overlaid with the normalized kinetic trace obtained 

at 450 nm (Figure 2.6). If the intermediate had formed, these two traces would not have 

overlaid because the ratio of the extinction coefficients at 370 nm and 450 nm for the 

C4a-(hydro)peroxyflavin intermediate is greater than the comparable ratio for fully 

oxidized flavin (178). Therefore, if the C4a-(hydro)peroxyflavin were generated in the 

first phase, the kinetic traces at 370 nm would appear similar to those observed for wild-

type SsuD (60, 61, 65, 72, 75, 95, 96, 160). The inability of R226A or R226K SsuD to 
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Figure 2.6. Kinetic Traces of flavin oxidation by R226A and R226K 

SsuD. Single turnover experiments were performed by stopped-flow 

kinetic analysis at 4 °C in 50 mM Tris-HCl, pH 8.5, and 100 mM sodium 

chloride. A: Single turnover kinetic traces were obtained after mixing free 

FMNH2 (25 μM) with R226A SsuD (35 μM) in air-saturated buffer at 370 

nm (●) and 450 nm (■), and after mixing free FMNH2 (25 μM) with 

R226A SsuD (35 μM) and 1-octanesulfonate (100 μM) in air-saturated 

buffer at 370 nm (○) and 450 nm (□). B: The single turnover traces 

employ the same conditions described for 2.6A, but with R226K SsuD. 

The kinetic traces shown represent an average of three separate 

experiments. The solid lines are the fits of the kinetic traces to equation 

2.6. 
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generate the C4a-(hydro)peroxyflavin intermediate correlates with the absence of activity 

in steady-state kinetic experiments and suggests the peroxyflavin does not accumulate to 

detectable levels during turnover. 

2.3.5 Guanidinium rescue experiments 

  From a structural standpoint, the arginine to alanine mutation in the active site of 

SsuD is equivalent to the removal of a guanido moiety from the side chain of Arg226. 

The kinetic and biochemical properties that have been affected by such a mutation should 

be at least partially restored in the presence of exogenous guanidine (95, 179–181). The 

effect of chemical rescue on the kinetic parameters of R226A SsuD was determined over 

the experimental pH range. Approximately 1.5% of the wild-type SsuD kcat value was 

restored by the addition of 100 mM guanidine to the R226A SsuD assay (Table 2.2). The 

rescue of kcat by guanidinium was pH independent which was attributed not only to free 

guanidinium cation (pKa = 13.6) remaining protonated throughout the experimental pH 

range, but the outwards displacement of pKa values relative to the wild-type enzyme 

beyond the experimental pH range. An outward shift, or broadening of pKa values 

observed only in the kcat pH profile is indicative of a non-pH dependent, but normally rate 

limiting, slow step following the catalytic reaction (173–175). The pH dependence of 

kcat/Km for guandinium rescue of R226A SsuD activity could not be determined due to 

absorbance values being below the detectable limit for sulfite production (4 µM) at low 

pH under assay conditions employing low concentrations of 1-octanesulfonate. The lack 

of activity seen with the lysine variant demonstrates that SsuD activity is not dependent 

simply on the charge associated with the Arg226 in the active site; the hydrogen bonding 

interactions of the guanido moiety of Arg226 are also of particular importance to SsuD 
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catalysis. The combination of low activity and the apparent displacement of pKa values 

with the addition of guanidinium suggests Arg226 plays a role in the rate limiting product 

release step, potentially through mediation of a conformational change (173–175).  
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2.4 DISCUSSION 

 

Similar active-site environments often promote diverse functionalities despite 

exhibiting nearly identical structural motifs. Although members of the bacterial luciferase 

superfamily share common structural motifs and some conserved amino acid sequence 

identities, the catalytic mechanisms employed by each enzyme appear to be quite distinct 

(119, 120, 122, 127–129, 158, 159, 164–168). In the mechanisms of bacterial luciferase 

and LadA, a histidine residue has been determined to serve as an active-site base in each 

of these enzymes (120, 127–129, 158, 164, 166, 167). As a result, the conserved His228 

amino acid residue of SsuD had been proposed to serve in this same capacity based on its 

similar structural orientation to the histidine active-site base in bacterial luciferase and 

LadA (120, 127–129, 158, 164). To further probe the role of active site residues in 

catalysis, the pH dependence on the kcat and kcat/Km values of SsuD and SsuE were 

determined in the pH range of 5.8-10.0. Experiments were limited to this pH range 

because SsuD reacts with many buffers as aminosulfonic acids are substrates of SsuD. 

Although previous kinetic parameters were established in potassium phosphate at pH 7.5, 

use of this buffer was abandoned after it was found to inhibit the SsuD reaction (160, 

169, 171). As a result, Bis-Tris (pH range of 5.8–7.2), Tris-HCl (pH range of 7.2-9.0), 

and glycine (pH range of 9.0-10.0) were used to establish the kinetic parameters over 

these pH ranges.  
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The kcat/Km pH profile indicates the optimal protonation state of ionizable groups 

located on the free-enzyme and/or substrates in order for the reaction to commit to the 

first irreversible step of catalysis, while the pH dependence of kcat reflects ionizable 

groups on the enzyme-substrate complex that are required for catalysis (173, 174, 182, 

183). Unlike the pH profile for kcat/Km, the kcat pH profile reflects the necessary 

protonation state of groups necessary for catalysis to occur including product release. The 

kcat/Km pH profile for the SsuD reaction revealed a single titratable group with a pKa 

value of 6.9 ± 0.1. Additionally, the wild-type SsuD pH profile of kcat revealed a similar 

titratable pKa value of 6.6 ± 0.1. Despite the differing pKa values of 6.9 and 6.6 for the 

kcat/Km and kcat profiles, respectively, these values likely represent the same group. The 

altered pKa value could be the result of a change in the active-site environment upon the 

formation of the first enzyme-substrate complex where the pKa value of the group is 6.9 

before formation of the enzyme-substrate complex, but is perturbed to 6.6 upon binding 

of one or more of the substrates (173, 184). Previous studies have indicated that the 

desulfonation reaction by SsuD occurs through an ordered binding mechanism where 

FMNH2 must bind to the enzyme first, followed by either 1-octanesulfonate or O2 (160). 

If the lower pKa value represents the same group in both the kcat/Km and kcat profiles, then 

it can be concluded that the deprotonated form of this group is necessary for both 

formation of the final enzyme-substrate complex and for catalysis. It is unlikely that this 

pKa value can be attributed to the ionization of 1-octanesulfonate because of the relatively 

low pKa value of the sulfonate group (185).  

 The pH dependence on the kinetic parameters of SsuD obtained from the current 

study identified a group with a pKa consistent with a histidine residue to be essential for 
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catalysis. However, the present study failed to identify His228 or any other active-site 

histidine residue serving as an active-site base in the SsuD enzyme. This pKa value was 

present in the pH profiles of all His and Cys variants with only minor perturbations in the 

value (Table 2.1). These minor perturbations were attributed to the presence of a sticky 

substrate (173, 174). However, the presence of this sticky substrate had a negligible effect 

on the overall kcat/Km and kcat pH independent values suggesting that while these amino 

acid residues may be involved in maintaining the active-site environment through minor 

substrate binding interactions, they are not critical to catalysis. Therefore, the pH profiles 

for H228A, H11A, H333A, and Cys54 SsuD confirm that neither of these amino acid 

residues is contributing solely to this lower pKa value and that the group responsible for 

this ionization has yet to be identified.  

 Previously, deuterium kinetic isotope studies on bacterial luciferase indicated that 

the N1 position of FMNH2 (pKa = 6.2) contributes a comparable lower pKa value of 6.9 

(125). It is possible the N1 position of FMNH2 is contributing to the lower pKa value in 

SsuD as well: as is the case with bacterial luciferase, either the protonated species of 

FMNH2 does not bind or does not form the C4a-(hydro)peroxyflavin at a significant rate 

(125). An interesting observation was the identification of a “hollow” from fits of the 

C54A SsuD kcat/Km and kcat profiles indicating the presence of a sticky proton in the 

enzyme-substrate complex (173, 174). This “hollow” indicates octanesulfonate 

dissociates faster than the ionizable proton in the C54A SsuD variant (173, 174). 

Previously, the formation of the C4a-(hydro)peroxyflavin intermediate has been shown to 

be stabilized by the presence of Cys54 in SsuD and Cys106 in bacterial luciferase (122, 

124, 171). In the three dimensional structure of bacterial luciferase, Cys106 is directly 
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interacting with bound FMN (120). If the N1 position of FMNH2 is responsible for the 

lower pKa value in SsuD, then the observed hollow on the acidic limb of the pH profile 

indicates Cys54 would be required for the rapid dissociation of the N1 proton from 

FMNH2 when octanesulfonate is present (173, 174). In this model, rapid dissociation of 

the N1 proton would be required for the C4a-(hydro)peroxyflavin intermediate to form at 

a significant rate (125). Therefore, these combined results indicate Cys54 of SsuD 

directly interacts with the C4a-(hydro)peroxyflavin intermediate and promotes its 

formation by facilitating the dissociation of the proton located at the N1 position of 

FMNH2.   

A conserved but previously uncharacterized arginine residue within the active 

site, Arg226, was determined to serve a crucial role in SsuD catalysis. Alanine and lysine 

substitutions to the 226 position of SsuD resulted in complete inactivation of the enzyme. 

Therefore, the pH dependence on the kinetic parameters of R226A and R226K SsuD 

could not be determined as neither variant could catalyze detectable levels of sulfite 

production. The similar substrate affinities of R226A and R226K SsuD to wild type ruled 

out that substrate binding is altered from these substitutions. Although substrate binding 

was not affected, there was no observable formation of the C4a-(hydro)peroxyflavin 

intermediate in rapid reaction kinetic studies (160). Kinetic traces at 370 nm obtained for 

the oxidation of FMNH2 with R226A and R226K SsuD in the absence of octanesulfonate 

substrate were fitted to a double-exponential equation (equation 2.6). There was no phase 

(k1) correlating with the formation of the C4a-(hydro)peroxyflavin intermediate as was 

previously observed with wild-type SsuD in stopped-flow kinetic studies (160). In 

addition, there was no dependence on k2 with increasing octanesulfonate concentrations 
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as previously observed with wild-type SsuD (160). The inability of the C4a-

(hydro)peroxyflavin intermediate to be generated correlates with the lack of activity for 

the Arg226 SsuD variants.  

In considering the proposed catalytic mechanism for SsuD in combination with 

the results of the present study, it is reasonable to conclude that Arg226 could possess 

multiple functions. Positively charged groups, such as an arginine, are highly conserved 

near the active site of Baeyer-Villiger flavin monooxygenases in order to stabilize 

peroxyflavin intermediates (65, 94, 104). The absence of this positively charged 

stabilizing group near the active site can lead to inactivation of the enzyme due to 

destabilization of the flavin intermediate. The absence of activity even with the lysine 

substitution of Arg226 is likely due to an altered position of the positive charge resulting 

in the inability of this variant to stabilize the C4a-(hydro)peroxyflavin intermediate. 

Based on the results from the chemical rescue experiments with guanidine, the 

orientation of and chemical properties associated with the guanido functional group of 

Arg226 are as crucial to catalysis as its charge. Product release also appears to be affected 

by the addition of guanidine, given that the recovery of wild-type SsuD kcat is pH 

independent. This pH independence is likely due to the outwards displacement of pKa 

values beyond the experimental pH range, suggesting that while the free guanidinium ion 

rescues catalytic activity in R226A SsuD, product release remains compromised (173–

175). An active site acid has been proposed to play a role in the SsuD mechanism by 

protonating the FMNO- intermediate leading to the release of H2O and the FMN product 

through a conformational change (128, 129, 148, 155, 159, 160, 169). In the proposed 

chemical mechanism for SsuD, protonation of the FMNO- intermediate by the catalytic 
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acid would be the step prior to product release. If Arg226 is the catalytic acid, and the 

guanidinium ion is serving the role of this catalytic acid in the R226A SsuD variant, then 

the product release step could potentially be a limiting factor in guanidinium’s ability to 

rescue kcat. Although exogenous guanidine may be able to compensate for some of the 

steric and electrostatic interactions normally attributed to Arg226, the guanidinium 

moiety would be less effective in transferring a proton to the FMNO- intermediate and 

signaling the proposed conformational change linked to product release. These combined 

results support Arg226 playing a dual role in SsuD catalysis by facilitating oxygen 

activation through stabilization of the C4a-(hydro)peroxyflavin intermediate and by 

promoting product release through a conformational change associated with protonation 

of the FMNO- intermediate. 

Experimental results from studies performed on Cys54 SsuD provided support for 

Arg226 as the active site acid in the SsuD chemical reaction. The protonated form of 

Cys54 with a pKa in the free enzyme of 9.3 ± 0.1 was previously shown to be involved in 

stabilizing the C4a-(hydro)peroxyflavin in SsuD either through direct interactions with 

the flavin or in helping to maintain the active site environment, but not playing a direct 

role in SsuD catalysis as the active-site acid (Figure 2.1) (171). However, the substitution 

of Cys54 SsuD with Ala resulted in the elimination of the upper pKa from the kcat pH 

profile (Figure 2.3C). Although these combined results indicate Cys54 is contributing to 

the upper pKa in the wild-type enzyme, the modest five-fold drop in the kcat and kcat/Km 

values compared to wild-type SsuD does not support Cys54 as the catalytic acid (Table 

2.1). Two possible models would support the apparent disappearance of the upper pKa: 

the pKa value at 9.5 corresponds to Cys54, and there is a second pKa value in the wild-
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type enzyme occurring outside the experimental pH range corresponding to the catalytic 

acid; or the pKa value at 9.5 corresponds to the catalytic acid, and the cysteine to alanine 

substitution resulted in a shift of this pKa value to a value outside of the experimental pH 

range. Both models suggest that Cys54 participates in a step occurring after the first 

irreversible step through product release, and support Arg226 playing the role of the 

catalytic acid. Additionally, the cysteine to alanine substitution resulted in the outwards 

displacement of the lower apparent pKa value in the kcat pH profile when compared to 

wild-type SsuD but did not affect the apparent pKa value seen in the kcat/Km pH profile 

(Table 2.1). An outward shift of pKa values observed only in the kcat pH profile is 

indicative of a non-pH dependent, but normally rate limiting, slow step following the 

catalytic reaction (173–175). Since the outward pKa shifts are only present on the pH 

dependence of kcat for C54A SsuD, the results suggest the rate of product release is 

slowed by the Cys to Ala substitution (173–175). Previous studies have demonstrated that 

a combination of electrostatic and hydrogen bonding interactions can perturb the pKa 

values (≥ 2 units) of catalytic groups in an enzyme active site (176). Such studies indicate 

that the pKa of an arginine group could be perturbed within the active site of an enzyme 

through a complex hydrogen bonding network (173–177). Considering both Cys54 and 

Arg226 have been linked to stabilization of the C4a-hydroperoxyflavin intermediate, it 

would be reasonable to conclude a direct or indirect interaction between the two amino 

acid side chains. Therefore, the data support the possibility that Cys54 is involved in 

altering the pKa of Arg226 from a more typical value of 12.5 to 9.5 during catalysis. This 

result combined with the absence of detectable SsuD catalytic activity in the SsuD 

arginine variants, suggest that Arg226 is contributing to the pKa value at 9.5 ± 0.1 for 
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wild-type SsuD. Additionally, at least some FMNO- intermediate must be forming in the 

reaction with C54A SsuD to account for the catalytic activity of the variant. In this case, 

the catalytic acid would be required for the protonation of any FMNO- intermediate that 

is able to form despite the compromised active site environment (Scheme 2.2, IV). 

Therefore, it is proposed that Arg226 must be present in order to stabilize the 

peroxyflavin intermediate and promote product release through a conformational change 

linked to the protonation of the FMNO- intermediate. 

 Similarities between the sequences and three-dimensional structures of related 

enzymes can offer key insight as to the identity of important groups in catalysis for a 

particular enzyme. These similarities are evident between the well-characterized bacterial 

luciferase and the more recently characterized SsuD and LadA two-component 

monooxygenases. Nevertheless, the present study serves as an example of the different 

roles conserved groups can play in the mechanisms of such enzymes. The amino acids 

His44 and His311 were reported to serve as active-site bases in the mechanisms of 

bacterial luciferase and LadA, respectively (119, 120, 122, 124, 127–129, 158, 159, 164–

168). However, results from the characterization of His228 SsuD determined this active-

site histidine is not playing this role in SsuD catalysis. Instead, pH dependence studies, 

steady-state kinetic studies, and single-turnover rapid-reaction kinetic studies highlighted 

Arg226 to be playing a crucial role as the potential active-site acid in SsuD catalysis. 

These results are consistent with our proposed mechanism in that conserved arginine 

residues near the active-site are often crucial players in the mechanisms of Baeyer-

Villiger flavin monooxygenases (65, 94, 104). These results provide an important 

foundation in the illumination of the SsuD catalytic mechanism. Future studies involving 



96 
 

deuterium solvent isotope effects, kinetic isotope effects, and an expanded 

characterization of nearby, but previously uncharacterized residues will undoubtedly 

offer a much clearer window into the intricacies of SsuD catalysis. 

 

 

 

The work presented in this chapter was published previously in reference (186).
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CHAPTER THREE 

 
 

Steady-State Kinetic Isotope Effects Support Complex Role of Arg226 in Proposed 

Desulfonation Mechanism of the Two-Component Alkanesulfonate Monooxygenase 

System 

Chapter 3  

3.1 INTRODUCTION 
 

Isotope effects are valuable tools for the evaluation of kinetic mechanisms 

associated with enzyme-catalyzed reactions. Techniques employing isotopically-labeled 

solvents and substrates have been shown to distinguish several features of an enzyme’s 

mechanism including, but not limited to, the rate-limiting bond-breaking step(s), the 

commitments to catalysis, the groups directly involved in catalysis, and any 

conformational change(s) associated with the enzymatic reaction. Kinetic isotope 

techniques utilizing deuterium have been demonstrated to be particularly useful in 

identifying enzyme mechanisms promoting acid-base catalysis. In many reactions 

dependent on acid-base catalysis, the proton transfer step is rate-limiting and can be 

affected by substituting a deuterium in place of the proton being transferred. The two-

component flavin-dependent alkanesulfonate monooxygenase enzyme (SsuD) has been 

proposed to promote the oxygenolytic cleavage of a carbon-sulfur bond from sulfonated 

substrates to yield aldehyde and bioavailable sulfite through acid-base catalysis. Despite 

extensive investigations however, the details of the catalytic mechanism employed by the 
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alkanesulfonate monooxygenase system remain an enigma (107, 160, 169, 171). As a 

result, deuterium isotope effect studies were performed for SsuD in an effort to further 

resolve key steps involved in the proposed catalytic mechanism. 

In Escherichia coli, SsuD is expressed when sulfate becomes limiting. The 

limitation induces the synthesis of a set of proteins involved in acquiring sulfur from 

alternative sources, primarily alkanesulfonates (107, 129, 150, 170). The two-component 

alkanesulfonate monooxygenase system is comprised of a flavin reductase (SsuE) that 

supplies reduced flavin to SsuD and enables the organism to utilize a broad range of 

alkanesulfonates as alternative sulfur sources (107, 129, 170). Unlike a traditional flavin 

monooxygenase where both oxidative and reductive half reactions occur on the same 

enzyme, only the oxidative half reaction is catalyzed by SsuD. The FMNH2-bound SsuD 

then activates dioxygen and cleaves the carbon-sulfur bond of alkanesulfonates releasing 

sulfite and the corresponding aldehyde (Scheme 3.1) (107, 160). 

In the SsuD reaction, a C4a-peroxyflavin intermediate is proposed to perform a 

nucleophilic attack on the sulfur atom of the alkanesulfonate substrate (Scheme 3.1, I). 

The resulting intermediate then undergoes a Baeyer-Villiger rearrangement leading to the 

cleavage of the alkanesulfonate carbon-sulfur bond and the generation of sulfite and an 

alkane peroxyflavin intermediate (Scheme 3.1, II). The release of the aldehyde product 

from the enzyme occurs following abstraction of a proton from the alkane peroxyflavin 

intermediate by a catalytic base (Scheme 3.1, III). The abstraction of the α-proton from 

the alkane peroxyflavin intermediate has been proposed as one of several potential rate-

limiting chemical steps in SsuD catalysis. Therefore, substitution of the α-protons
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of octanesulfonate with deuterium should result in a kinetic isotope effect on the proton 

abstraction step (Scheme 3.1, III). Additionally, results from previous studies have 

indicated Arg226 playing the role of the active-site acid in the SsuD reaction (186). 

Arg226 has been proposed to donate a proton to the FMNO- intermediate triggering a 

proposed conformational change that opens the enzyme to solvation and promotes 

product release (Scheme 3.1, IV). The reprotonation step should be susceptible to solvent 

deuterium kinetic isotope effect studies. Therefore, both solvent and kinetic isotope effect 

studies were performed in order to define the proton transfer steps involved in the SsuD 

reaction.  
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3.2 EXPERIMENTAL PROCEDURES 

 
3.2.1  Materials 

Potassium phosphate (monobasic and dibasic), flavin mononucleotide phosphate 

(FMN), reduced nicotinamide adenine dinucleotide phosphate (NADPH), Trizma base, 

Bis–Tris, glycine, ammonium sulfate, ampicillin, ethylenediaminetetraacetic acid 

(EDTA), dimethyl sulfoxide (DMSO), streptomycin sulfate, glucose, glucose oxidase, 

5,5-dithiobis(2-nitrobenzoic acid) (DTNB), 1-butanesulfonate, 4-pyridineethanesulfonic 

acid, and lysozyme were purchased from Sigma (St. Louis, MO). Isopropyl-β-D-

thiogalactoside (IPTG), sodium chloride, and glycerol were obtained from Fisher Biotech 

(Pittsburgh, PA). 1-octanesulfonate and dithiothreitol (DTT) were purchased from Fluka 

(Milwaukee, WI). Deuterium oxide (D2O), deuterium chloride, and sodium deuteroxide 

were purchased from Cambridge Isotope Laboratories, Inc (Andover, MA). 1-

bromooctane-1,1-d2 was purchased from CDN Isotopes (Quebec, Canada). Expression 

and purification of recombinant SsuD and SsuE was performed as previously described 

(155). The concentrations of SsuD and SsuE proteins were determined from A280 

measurements using a molar extinction coefficient of 47.9 mM-1 cm-1 and 

20.3 mM-1 cm-1, respectively (155). 
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3.2.2 Synthesis of 1-octanesulfonate-1,1-d2  

 The synthesis of 1-octanesulfonate-1,1-d2 was performed as previously described 

with the following modifications (187). A solution of sodium sulfite (13.5 mmol, 1.69 g) 

in 12.5 ml water was slowly added to a refluxing solution of 1-bromoctane-1,1-d2 (12 

mmol, 2.32 g) in ethanol/water (75 mL/12.5 mL). After a reaction time of 48 h, the 

solution was cooled to room temperature, and the precipitate was removed. The 

remaining ethanol/water mixture was removed by evaporation, and the resulting 

precipitate was extracted six times with 25 mL pentane. The remaining solid was re-

crystallized from ethanol three times to give 0.47 g (2.0 mmol; 16.7 %). The product was 

identified by 1H NMR. The chemical shifts obtained for the octanesulfonate ion in 

DMSO-d6, OS-: 3.38 (d, 2H); 1.60 (apparent quintet, 2H); 1.25 (m, 10H); 0.85 (t, 3H). 

The chemical shifts obtained for the octanesulfonate ion, 1-octanesulfonate-1,1-d2: 1.7 

(apparent t, 2H); 1.25 (m, 10H); 0.85 (t, 3H). The absence of the chemical shift at OS- 

(1): 3.38 (d, 2H) for 1-octanesulfonate-1,1-d2 was used to estimate the degree of 

deuteration to be over ninety percent. 

3.2.3 Dependence of Kinetic Parameters on pL  

The activity of SsuD was routinely assayed at 25° C as previously described. 

Reactions employed a range of 1-octanesulfonate, 1-octanesulfonate-1,1-d2, 1-

butanesulfonate, or 4-pyridineethanesulfonic acid (10−5000 μM) in either 50 mM Bis-

Tris (pL range of 5.8–7.2), 50 mM Tris-HCl (pL range of 7.2-9.0), or 50 mM glycine (pL 

range of 9.0-10.0) with the following modifications (129, 160). Each buffered solution 

was supplemented with 100 mM sodium chloride to maintain the ionic strength, and 

overlapping assays were performed in Bis-Tris and Tris-HCl at pL 7.2 and in Tris-HCl 
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and glycine at pL 9.0 in order to ensure activity was independent of the buffer used. 

When performing the viscosity experiments, assays were also supplemented with 9% 

glycerol. All assays were performed in triplicate, and steady-state kinetic parameters 

were determined by fitting the data to the Michaelis-Menten equation. The pL 

dependence of kcat and kcat/K[octanesulfonate], kcat/K[butanesulfonate], kcat/K[pyridineeethanesulfonate] were 

best fit to a single ionization (equation 3.1) model and double ionization (equation 3.2) 

model, respectively: 

                                   (equation 3.1) 

                                (equation 3.2) 

where H is [H+], y is kcat or kcat/K[octanesulfonate], C is the pH independent value of y, and K1, 

K2, and K3 represent the dissociation constant for groups on the SsuD-FMNH2 complex. 

Both SsuD and SsuE were found previously to be stable throughout the pH range (186). 

The activity of SsuE was determined previously to be pH independent (186).  

In order to determine the effect of deuterium oxide on the kinetic parameters of 

SsuD, modifications were made to the standard activity assay. The reaction mixtures 

were prepared with 99.8% D2O. Buffer salts were dissolved in D2O and adjusted with 

DCl or NaOD to the appropriate pH value (where pD is equal to the pH meter reading + 

0.4). Anhydrous FMN, NADPH, SsuD (20 μM), SsuE (60 μM), 1-octanesulfonate, and 1-

octansulfonate-1,1-d2 were suspended in 50 mM Tris-DCl, 100 mM NaCl at pD 7.5. 

Steady-state kinetic parameters were determined by fitting the resulting plots to the 

Michaelis-Menten equation, and solvent isotope effects at a given pL were calculated as 

the ratio of kcat and kcat/K[octanesulfonate] values in H2O to those in 99.8% D2O. 
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For proton inventory measurements, assays were performed as previously 

described over the experimental pL range. For each pL, the different deuterium fractions 

(n = 0 to 0.998) were achieved by combining varying volumes of H2O and D2O buffers as 

previously described (188). The pH dependence of wild-type SsuD was determined over 

the pL range in the buffered solutions containing varying isotopic fractions of deuterium. 

Assays were performed as previously described in triplicate, and steady-state kinetic 

parameters were determined by fitting the data to the Michaelis-Menten equation (186). 

The pL dependence of kcat and kcat/Km[octanesulfonate] for each isotopic fraction of deuterium 

were best fit to a single ionization model (equation 3.1) and double ionization model 

(equation 3.2), respectively. The pH independent kinetic parameters for SsuD in each 

deuterium fraction concentration (n = 0, 0.124, 0.247, 0.372, 0.495, 0.619, 0.743, 0.870, 

0.998) were obtained from these assays, plotted against deuterium fraction n, and best fit 

to a dome-shaped curve using the following variation of the Gross-Butler equation: 

n
k

T
on Znnkk )1( φ+−=            (equation 3.3) 

where kn is kcat in mixed isotopic solvent with deuterium atom fraction n, ko is kcat in the 

absence of deuterated solvent, øT is transition state contribution to the isotope effect, and 

Zk is medium effect contribution (188–190). 

3.2.4 Data Analysis  

The upper pKa value for the pD dependence of kcat was determined by the 

following method: the upper pKa value for each fraction of D2O was determined from 

their respective pL profiles. The [H+] was calculated for each of these pKa values and 

then plotted against deuterium fraction n. The resulting scatter was best fit to a line (y = 

mn + z), where y is the Ka at deuterium fraction n, z is the Ka in pure H2O, and m is the 
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slope of the line. The slope m was determined by linear regression, and the Ka at n = 

0.998 was calculated.  
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3.3 RESULTS 

 
3.3.1 Substrate Kinetic Isotope Effects on steady-state kinetic parameters  

The kinetic parameters for the wild-type enzyme were established with 1-

octanesulfonate-1,1-d2 as a substrate and plotted as a function of pH from pH 5.8-10.0 to 

probe the presence of a deuterium kinetic isotope effect on the proposed proton 

abstraction step (Scheme 3.1, III). SsuD with 1-octanesulfonate-1,1-d2 showed optimal 

catalytic activity between pH 7.5-9.5 where the pH independent value was found to be 31 

± 2 min-1 for kcat, and 1.9 ± 0.3 µM-1 min-1 for kcat/K[octanesulfonate] (Figure 3.1A and 3.1B). 

These pH independent values were compared with those obtained with wild-type SsuD 

with unlabeled octanesulfonate to reveal a kinetic isotope effect (kH/kD) equal to 3.0 ± 0.2 

for kcat and 1.0 ± 0.2 for kcat/K[octanesulfonate] (186). The pH dependence of kcat for SsuD with 

deuterated substrate revealed a single titratable residue with a pKa value of 6.3 ± 0.1 

(Table 3.1). The pH dependence of kcat/K[octanesulfonate] with labeled substrate revealed a 

single titratable amino acid group with a pKa value of 7.1 ± 0.2. This pKa value and the 

pH independent value were consistent with those for the unlabeled substrate indicating 

that the deuterated substrate had no effect on the kcat/K[octanesulfonate] for SsuD.  

3.3.2 Solvent Isotope Effects on steady-state kinetic parameters  

The kinetic parameters for the wild-type enzyme were established in 99.8% D2O 

and plotted as a function of pD from pD 5.8-10.0 to probe the presence of a deuterium 

kinetic isotope effect on the proposed catalytic-acid mediated reprotonation step (Scheme 
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Figure 3.1. pH dependence of SsuD activity at 25°C. Reactions were 

initiated by the addition of NADPH (500 μM) into a reaction mixture 

containing SsuD (0.2 μM), SsuE (0.6 μM), FMN (2 μM), and a range of 

labeled 1-octanesulfonate-1,1-d2 concentrations (10−5000 μM) in either 

50 mM Bis-Tris (pL range of 5.8–7.2), 50 mM Tris-HCl (pL range of 7.2-

9.0), or 50 mM glycine (pL range of 9.0-10.0) and 100 mM sodium 

chloride. A: kcat and B: kcat/K[octanesulfonate] values for SsuD in H2O (●). The 

corresponding kinetic parameters for SsuD supplemented with unlabeled 

1-octanesulfonate and H2O (×) were included in each plot as a reference. 

Each point is the average of at least three separate experiments 
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3.1, IV). SsuD showed optimal catalytic activity in D2O between pH 8.5-10.0 where the 

pH independent value was found to be 123 ± 3 min-1 for kcat, and 2.0 ± 0.1 µM-1 min-1 for 

kcat/K[octanesulfonate] (Table 3.2). These pD independent values were compared with those 

obtained with wild-type SsuD in H2O to reveal a solvent isotope effect (H2Ok/D2Ok) equal 

to 0.75 ± 0.04 for kcat and 0.95 ± 0.07 for kcat/K[octanesulfonate] (186). While no isotope effect 

on kcat was observed from pL 5.8-7.5, an inverse isotope effect was observed from pL 

8.0-10.0 (Figure 3.2A). The isotope effect on kcat increased with increasing pH with a 

maximum H2Ok/D2Ok value equal to 0.25 ± 0.02 occurring at pL 10.0. There was no 

isotope effect observed on kcat/K[octanesulfonate] at any pL (Figure 3.2B). The inverse isotope 

effect on kcat indicates that deuteration only affects a catalytic step occurring after the first 

irreversible step in catalysis up through product release (173, 174, 189). 

The resulting pD dependence of SsuD obtained in 99.8% D2O was compared to 

the pH dependence previously obtained in H2O (186). The pD dependence of kcat revealed 

a single titratable amino acid residue with pKa value of 6.8 ± 0.1 (Table 3.1). While this 

single pKa value measured in 99.8% D2O exhibits a small ∆pKa value of 0.2 when 

compared to the lower pKa value obtained in H2O, the absence of the upper pKa value 

integral to its H2O counterpart suggests a substantial shift of this pKa value in D2O 

outside of the experimental pL range (Figure 3.2A) (173, 188–190). It was determined 

from the proton inventory measurements, however, that the value of the upper pKa value 

for kcat in D2O was 10.1 ± 0.2 (Figure 3.3). This pKa value would fall into the normal 

limit for an isotope effect on ionization of a catalytic group (∆pKa value = 0.4-0.6 units) 

(188–190). The pD dependence of kcat/K[octanesulfonate] revealed a single titratable 
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Figure 3.2. pH dependence of A: kcat and B: kcat/K[octanesulfonate] values for 

SsuD at 25°C supplemented with 0.00 % (×), 12.4 % (▬), 24.7 % (▬), 

37.2 % (▬), 49.5 % (▬), 61.9 % (▬), 74.3 % (▬), 87.0 % (▬), and 99.8 

% (■) D2O. Reactions were initiated by the addition of NADPH (500 μM) 

into a reaction mixture containing SsuD (0.2 μM), SsuE (0.6 μM), FMN (2 

μM), and a range of unlabeled octanesulfonate concentrations (10−5000 

μM) in either 50 mM Bis-Tris (pL range of 5.8–7.2), 50 mM Tris-HCl (pL 

range of 7.2-9.0), or 50 mM glycine (pL range of 9.0-10.0) and 100 mM 

sodium chloride. The corresponding kinetic parameters for the SsuD 

reaction supplemented with unlabeled octanesulfonate and H2O (×) was 

included in each plot as a reference. The corresponding kinetic parameters 

for the SsuD reaction supplemented with unlabelled 1-octanesulfonate and 

H2O (×) were included in each plot as a reference. Each point is the 

average of at least three separate experiments. 
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Figure 3.3. Plot of the upper Ka value vs. fraction of D2O (n). Upper Ka 

values were determined from respective pL profiles (Figure 3.2A). The 

upper pKa for SsuD in 99.8% D2O was determined by calculating the Ka at 

n = 0.998. 
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amino acid group with an apparent pKa value of 7.3 ± 0.1, exhibiting a normal ∆pKa value 

of 0.4 when compared to the value obtained in H2O (186, 188–190).  

3.3.3 Proton Inventory Measurements  

Proton inventories were conducted in an effort to determine the number and 

nature of the hydrogenic sites involved in the inverse isotope effect on kcat. Due to the 

difference in pL optimums for kcat in H2O (pH 7.2-8.5) compared to D2O (8.0-9.5), a clear 

pL independent value necessary to perform a proton inventory could not be identified. As 

a result, the pL dependence of SsuD was determined for various fractions of D2O (Figure 

3.2A). From these pL dependencies, the pL independent values of kcat and 

kcat/K[octanesulfonate] for SsuD were determined and used to obtain an accurate proton 

inventory for each catalytic parameter. Inventory curves were obtained by plotting the pH 

independent values of kcat and kcat/K[octanesulfonate] as a function of the fraction of D2O (n = 

0 to 99.8%) present in the activity assays. While proton inventories for kcat/K[octanesulfonate] 

did not demonstrate any curvature and were consistent with plots representing residual 

error due to the absence of an SIE (data not shown), the proton inventories for kcat at each 

pL were best described as inverse and dome-shaped or bulging upward (Figure 3.4). 

Dome-shaped proton inventory curves indicate the presence of offsetting normal and 

inverse contributions to the overall solvent isotope effect (182, 183, 188–193). Values of 

øT = 0.53 ± 0.03 and Zk = 2.46 ± 0.10 were extrapolated from the proton inventory curve 

after fitting the data to the best-fit form of the Gross-Butler equation (equation 3.3). 

Therefore, the results suggest a normal transition state contribution offset by a large 
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Figure 3.4. Proton inventory on the kcat kinetic parameter. The ratio of kcat 

in the fraction n of 99.8% D2O (nkcat) to that in 100% H2O (0kcat) plotted as 

a function of the mole fraction of 99.8% D2O in the reaction. Each point is 

the average of at least four separate experiments. The dashed line is 

theoretical for a linear proton inventory.  
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inverse medium effect. Proton inventories of the catalytic parameters of SsuD employing 

1-octanesulfonate-1,1-d2 were indistinguishable from those employing unlabeled 

octanesulfonate. 

3.3.4 Dependence of kinetic parameters of SsuD on viscosity  

Due to the higher viscosity of D2O compared to H2O, activity assays were 

conducted over the experimental pH range in buffers supplemented with 9% glycerol in 

order to determine the effect of viscosity on the kinetic parameters of SsuD. It has been 

demonstrated previously that the viscosity of D2O is comparable to a solution 

supplemented with 9% glycerol (183, 194–196). The resulting viscosity dependences of 

the kcat and kcat/K[octanesulfonate] values for SsuD were compared to those values obtained for 

pH and pD dependences (Figure 3.5A and 3.5B). The viscosity dependence of kcat 

revealed two titratable amino acid residues with pKa values consistent with those 

measured in H2O (Figure 3.5A). The pH independent value for kcat was determined to be 

80 ± 4 min-1, resulting in a normal viscosity effect (H2O/glycerol) of 1.2 (Table 3.2). The 

result indicated that the inverse isotope effect observed with D2O was independent of 

viscosity. The viscosity dependence of kcat/K[octanesulfonate] revealed a single ionizable 

amino acid residue with an apparent pKa value of 6.4 ± 0.1 with a pH independent value 

of 1.20 ± 0.07 min-1 µM-1 (Figure 3.5B). This value resulted in a normal viscosity effect 

of 1.7 on kcat/K[octanesulfonate] when compared to the kcat/K[octanesulfonate] value in H2O (Table 

3.2). These effects on kcat and kcat/K[octanesulfonate] support a change in the rate of one or 

more non-pH dependent conformational changes during catalysis as a result of the 

increased viscosity (173, 174, 182, 183, 188, 189, 191, 197). 
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Figure 3.5. pH dependence of A: kcat and B: kcat/K[octanesulfonate] values for 

SsuD at 25°C in H2O and supplemented with 9% glycerol (○). Reactions 

were initiated by the addition of NADPH (500 μM) into a reaction mixture 

containing SsuD (0.2 μM), SsuE (0.6 μM), FMN (2 μM), and a range of 

unlabeled octanesulfonate concentrations (10−5000 μM) in either 50 mM 

Bis-Tris (pL range of 5.8–7.2), 50 mM Tris-HCl (pL range of 7.2-9.0), or 

50 mM glycine (pL range of 9.0-10.0) and 100 mM sodium chloride. The 

corresponding kinetic parameters for SsuD supplemented with unlabeled 

octanesulfonate and H2O (×) were included in each plot as a reference. 

Each point is the average of at least three separate experiments. 
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3.3.5 Combined Substrate Kinetic and Solvent Isotope Effects on steady-state kinetic 

parameters  

The kinetic parameters for the wild-type enzyme with 1-octanesulfonate-1,1-d2 

were established in 99.8% D2O and plotted as a function of pD from pD 5.8-10.0 to 

identify the nature of any proton transfer events involved in the SsuD catalyzed reaction. 

SsuD with labeled substrate showed optimal catalytic activity in D2O between pH 8.0-

10.0 where the pH independent value was found to be 39.0 ± 0.2 min-1 for kcat, and 2.3 ± 

0.3 µM-1 min-1 for kcat/K[octanesulfonate] (Figure 3.6A and 3.6B). These pD independent 

values were compared with those obtained with wild-type SsuD in H2O to reveal an 

SIE+KIE DkD2O equal to 2.4 ± 0.2 for kcat and 0.83 ± 0.12 for kcat/K[octanesulfonate] (Table 3.2) 

(186). The pD dependence of kcat for SsuD with deuterated substrate revealed a single 

titratable residue with a pKa value of 6.6 ± 0.1 consistent with the lower pKa value in the 

pH profile for SsuD with unlabeled substrate in H2O (Table 3.1) (186). The upper pKa 

value associated pH profile for SsuD with unlabeled substrate in H2O appeared to have 

shifted outside of the experimental pH range with the labeled substrate in D2O (186) 

(Figure 3.6A). The pH dependence of kcat/K[octanesulfonate] with labeled substrate revealed a 

single titratable amino acid group with a pKa value of 7.0 ± 0.1 consistent with the pKa 

value in the pH profile for SsuD with unlabeled substrate in H2O (Table 3.1) (186). These 

results demonstrate opposing substrate and solvent isotope effects on the catalytic 

parameters. The effects appear to be independent of each other indicating that each 

isotope effect is occurring on a different step in the catalytic mechanism (173, 174, 188, 

189, 197). 
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Figure 3.6. pH dependence of A: kcat and B: kcat/K[octanesulfonate] values for 

SsuD at 25°C supplemented with labeled 1-octanesulfonate-1,1-d2 in D2O 

(□). Reactions were initiated by the addition of NADPH (500 μM) into a 

reaction mixture containing SsuD (0.2 μM), SsuE (0.6 μM), FMN (2 μM), 

and a range of labeled 1-octanesulfonate-1,1-d2 concentrations (10−5000 

μM) in either 50 mM Bis-Tris (pL range of 5.8–7.2), 50 mM Tris-HCl (pL 

range of 7.2-9.0), or 50 mM glycine (pL range of 9.0-10.0) and 100 mM 

sodium chloride. The corresponding kinetic parameters for SsuD 

supplemented with unlabeled octanesulfonate and H2O (×) were included 

in each plot as a reference. Each point is the average of at least three 

separate experiments. 
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3.3.6 Dependence of the kinetic parameters of SsuD on substrate functional groups 

In order to determine whether variations in substrate chain length or size could 

affect the rate of product release and thereby serve as a probe for this step, activity assays 

from pH 5.8-10.0 were conducted using 1-butanesulfonate or 4-pyridineethanesulfonic 

acid as substrates for SsuD (Figure 3.7). The resulting pH dependences of the catalytic 

parameters of SsuD with each alternate substrate were compared to the pH dependences 

of catalytic parameters of SsuD with unlabeled octanesulfonate as a substrate. SsuD 

supplemented with 1-butanesulfonate showed optimal catalytic activity between pH 7.2-

9.0 where the pH independent value was found to be 86 ± 5 min-1 for kcat, and 0.16 ± 0.02 

µM-1 min-1 for kcat/K[butanesulfonate] (Table 3.2). The pH dependence of kcat for SsuD 

supplemented with 1-butanesulfonate revealed two titratable residues with pKa values of 

6.3 ± 0.1 and 9.9 ± 0.1, and a single titratable residue with an apparent pKa of 7.0 ± 0.1 

for kcat/K[butanesulfonate] (Table 3.1). The kcat/K[butanesulfonate] pKa values are apparent because 

the pH dependence data were fit to equation 3.1 for comparison with the values obtained 

for wild-type SsuD. However, a “hollow” present on the acidic limb of the 

kcat/K[butanesulfonate] pH profile indicates the presence of a sticky proton in the enzyme-

substrate complex, resulting in more than a 10-fold decrease in kcat/Km when compared to 

the SsuD reaction with 1-octanesulfonate as a substrate (Figure 3.8B) (173, 174). 

Additionally, 1-butanesulfonate led to broadening between pKa values in the kcat pH 

profile when compared to wild-type SsuD but did not affect the apparent pKa value seen 

in the kcat/Km pH profile (Table 3.1) (Figure 3.8A). SsuD supplemented with 4-

pyridineethanesulfonic acid showed optimal catalytic activity between pH 7.2-9.0 where 

the pH independent value was found to be 164 ± 12 min-1 for kcat, and 0.9 ± 0.1 
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Figure 3.7. Structures of alternate substrates used to probe product release 

step of SsuD reaction. The substrate 1-butanesulfonate was used to probe 

whether shorter aliphatic chain length results in faster dissociation from 

the enzyme than octanesulfonate while 4-pyridineethanesulfonic acid was 

used to probe whether steric hindrance from a bulky aromatic group could 

disrupt binding interactions and facilitate product dissociation from the 

enzyme. 
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Figure 3.8 pH dependence of A: kcat and B: kcat/Km values for SsuD at 

25°C in H2O and supplemented with either 1-butanesulfonate (♦) or 4-

pyridineethanesulfonic acid (◊). Reactions were initiated by the addition of 

NADPH (500 μM) into a reaction mixture containing SsuD (0.2 μM), 

SsuE (0.6 μM), FMN (2 μM), and a range of 1-butanesulfonate or 4-

pyridineethanesulfonic acid concentrations (10−5000 μM) in either 50 

mM Bis-Tris (pL range of 5.8–7.2), 50 mM Tris-HCl (pL range of 7.2-

9.0), or 50 mM glycine (pL range of 9.0-10.0) and 100 mM sodium 

chloride. The corresponding kinetic parameters for SsuD supplemented 

with 1-octanesulfonate and H2O (×) were included in each plot as a 

reference. Each point is the average of at least three separate experiments. 

 

0

1

2

3

5 6 7 8 9 10 11

lo
g 

[k
ca

t] (
m

in
-1

)

pH

-2

-1

0

1

5 6 7 8 9 10 11lo
g 

[k
ca

t / 
K

m
 ] 

(μ
M

-1
 m

in
-1

)

pH

0

1

2

3

5 6 7 8 9 10 11

lo
g 

[k
ca

t] (
m

in
-1

)

pH

-2

-1

0

1

5 6 7 8 9 10 11lo
g 

[k
ca

t / 
K

m
 ] 

(μ
M

-1
 m

in
-1

)

pH

C D

A B



120 
 

µM-1 min-1 for kcat/K[pyridineethansulfonate] (Table 3.2). These values reflect a two-fold increase 

in kcat and a two-fold decrease in kcat/Km when compared to the SsuD reaction with 1-

octanesulfonate as a substrate (Figure 3.8C and 3.8D). The pH dependence of kcat for 

SsuD supplemented with 4-pyridineethanesulfonic acid revealed two titratable residues 

with pKa values of 6.6 ± 0.1 and 9.6 ± 0.1, and single titratable residue with an apparent 

pKa of 6.9 ± 0.1 for kcat/K[pyridineethansulfonate] (Table 3.1). These pKa values are consistent 

with the values obtained for SsuD with 1-octanesulfonate as a substrate. 



121 
 

 

 

 

3.4 DISCUSSION 

 

The proposed catalytic mechanism for SsuD involves the abstraction of a proton 

from the primary carbon of the octanesulfonate substrate (Scheme 3.1, IV). This step has 

been proposed to be the rate-limiting catalytic step. Therefore, the protium at this position 

was substituted with deuterium in order to limit the rate of this abstraction step during 

catalysis. The lack of an isotope effect on kcat/K[octanesulfonate] over the experimental pH 

range indicates that labeled octanesulfonate substrate does not affect any catalytic steps 

up through the first-irreversible step (173, 174, 189, 197). Alternatively, the kcat pH 

profile encompasses all steps occurring after the first-irreversible step up through product 

release which would include the proton abstraction step (173, 174). Therefore, the kinetic 

isotope effect of 3 on kcat supports proton abstraction being the rate-limiting step. 

Additionally, comparison of the kcat pH profile of the labeled substrate with the unlabeled 

substrate revealed a acidic shift of this lower pKa value from 6.6 to 6.3, while the upper 

pKa value associated with unlabeled octanesulfonate appeared to have shifted outside of 

the experimental pH range with the labeled substrate (Table 3.1) (186). An outward shift 

or broadening of pKa values observed only in the kcat pH profile is indicative of a non-pH 

dependent, but normally rate limiting, slow step following the chemical catalytic reaction 

(174, 188–190). Previously, this step was reported as a conformational change linked to 

product release (186). Therefore, the results suggest that the overall substrate isotope 

effect originates, at least partially, from product release. Because both 
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 kcat  kcat/Km 

 pK1 pK2  pK 

1-octanesulfonate    

 H2Oa 6.6 ± 0.1 9.5 ± 0.1 6.9 ± 0.1 

D2O 6.8 ± 0.1 10.1 ± 0.2b 7.3 ± 0.1 

9% glycerol 6.6 ± 0.2 9.5 ± 0.1 6.6 ± 0.5 
     
1-octanesulfonate-1,1-d2    

H2O 6.3 ± 0.1 —c  7.1 ± 0.1 

D2O 6.6 ± 0.1 —c  7.0 ± 0.1 
     

1-butanesulfonate 

 H2O 6.3 ± 0.1 9.9 ± 0.1 7.0 ± 0.1 
    

4-pyridineethanesulfonic acid 

 H2O 6.6 ± 0.1 9.6 ± 0.1 6.9 ± 0.1 
     

a previously reported (186) 
b Value was calculated from proton inventory 
measurements 
c Value could not be determined within the 
experimental pH range 

 

 

Table 3.1. pH dependence of steady-state kinetic parameters for wild-type 

SsuD isotope effects 
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alpha carbon protons have been replaced with deuterium in the labeled substrate, an 

alpha-secondary isotope effect (α-2°) must also be considered. Since the hybridization of 

the isotopically labeled carbon changes from sp3 to sp2 during the reaction (scheme 3.1, 

III—IV), a normal α-2° would be expected and would account for some of the observed 

KIE value (198). 

Solvent isotope effect studies were undertaken in order to probe the reprotonation 

step in the SsuD reaction (Scheme 3.1, step IV). The pD profile of kcat was fitted to 

equation 1 to yield a single pKa value of 7.2 ± 0.1 and an inverse solvent isotope effect of 

0.75 ± 0.04. When compared to the lower pKa value in H2O, the ∆pKa value of 0.2 units 

in D2O is consistent with that expected for a cysteine amino acid group (188–190). 

Previously, an alanine substitution to Cys54 in SsuD was shown to cause the proton 

associated with the lower pKa value to become sticky during catalysis (186). These 

combined results support Cys54 making at least a partial contribution to this lower pKa 

value along with the proton at the N1 position of the FMN (186). Alternatively, the upper 

pKa value in D2O exhibited the expected shift for a simple carboxylic or ammonium acid 

groups (∆pKa = 0.4-0.6) when compared to its value in H2O (Table 3.1). Interestingly, 

previous studies were unable to determine whether Cys54 was the sole group contributing 

to this upper pKa value or whether Cys54 was serving to lower the pKa of Arg226 during 

catalysis (186). The normal shift of this pKa value in D2O supports Cys54 serving to 

lower the pKa of Arg226 as the ∆pKa value for a cysteine amino acid group contributing 

exclusively to the upper pKa would be much smaller (186, 189). Additionally, cysteine 

residues like Cys54 have been shown to promote reverse-protonation which can lead to 

an inverse solvent isotope effect like the one seen on the SsuD kcat parameter (188, 199).  
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In a reverse-protonation mechanism, the amino acid residue contributing to the 

lower pKa value must be protonated while the amino acid residue contributing to the 

upper pKa value must be deprotonated in order for catalysis to occur. In order for the D2O 

solvent to favor the deprotonated form of the group contributing to the upper pKa value, 

this group would need to have a fractionation factor that is less than unity (ø < 1) in a 

mixed isotopic solvent (188–190, 193, 199). Cysteine residues have been implicated in 

several reverse-protonation mechanisms as the group contributing to the upper pKa value, 

with fractionation factors for cysteine residues (ø ~ 0.5) being less than unity in a mixed 

isotopic solvent (188–190, 193, 199, 200). Cys54 was previously shown to be involved in 

stabilizing the C4a-(hydro)peroxyflavin in SsuD either through direct interactions with 

the flavin or in helping to maintain the active site environment (171). However, previous 

results have indicated Cys54 must be protonated for activity (171). Therefore, the inverse 

solvent isotope effect is likely the result of a normal protonation event.  

Although the change in viscosity that results from substituting D2O for H2O can 

account for apparent solvent isotope effects, kcat values in increased viscosity are normal 

(decreased) compared to values observed in H2O over the experimental pH range (Figure 

3.4A and 3.4B). A solution containing 99.8% D2O has the same relative viscosity 

(ηrel~1.24) as a solution containing 9% glycerol (182, 183, 188–190, 193, 195, 196). 

However, the kcat pH profile shows that increased viscosity reduces kcat over the 

experimental pH range, suggesting that the inverse isotope effect on kcat is not the result 

of increased solvent viscosity (Figure 3.4A). Nevertheless, this normal viscosity effect on 

the kcat parameter does indicate viscosity affects the rate-limiting step of the mechanism 

(173, 174). Increased viscosity often affects an enzyme mechanism that is dependent on a 
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conformational change by favoring closed conformations and slowing the return rate to 

the open conformation (195, 196). Therefore, increased solvent viscosity may be serving 

to limit a proposed conformational change from a closed to an open conformation in 

SsuD. 

Alternatively, the proton inventories on kcat suggest that D2O is contributing to the 

overall inverse isotope effect by favoring a conformational change to the open 

conformation during the product release step. The proton inventory was best fit to dome 

shaped curves suggesting a normal transition state contribution (øT) opposing multiple 

inverse effect contributions (Zk) to yield the overall inverse isotope effect (182, 183, 188–

190, 193). The transition state contribution (øT) is consistent with the solvation of a 

catalytic proton bridge commonly observed for proton transfers among O, N, and S 

groups (øT = 0.4-0.6) (189). Previously, Arg226 was proposed to be responsible for 

protonating the FMN-O- intermediate in the catalytic mechanism for SsuD; the data 

suggest that the øT contribution arises from the transfer of a proton from N group Arg226 

to the O group of FMN-O- (186). The Z term contribution is indicative of multiple 

reaction state contributions (øR) occurring on various protein structural sites (øR = 1.05-

1.16) as a result of a conformational change (189). These effects in combination with the 

normal transition state contribution (øT) support the formation of a transition state 

intermediate where tighter, stiffer hydrogen bonds (like those corresponding to deuterium 

bonds) are favored in the committed step for product release. The protonation of FMN-O- 

by Arg226 would serve as the committed step. Additionally, proton transfer from an 

arginine group to a group with a potentially greater fraction factor (FMN-O-) would be 

faster with deuterium than with protium. If the fractionation factors of FMN-OOH and 
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FMN-OH are great and above unity, then the current results would support Schemes 3.1 

and 3.2 as well as account for the inverse solvent isotope effect observed on the kcat 

parameter. 

Additionally, since the inverse solvent isotope effect is seen in the kcat pL profile 

and not the kcat/K[octanesulfonate] pL profile, the results indicate a step occurring after the 

first-irreversible step up through product release is affected by the deuterated solvent. 

The lack of an observable isotope effect on kcat/K[octanesulfonate] over the experimental pL 

range indicates that this ionizable group is not involved in a proton transfer event 

contributing to an overall rate limitation. Previously, SsuD has been shown to follow a 

steady-state ordered binding mechanism with FMNH2 binding first to SsuD, followed by 

either octanesulfonate or O2 prior to formation of the C4a-peroxyflavin intermediate 

proposed to govern the desulfonation reaction (Scheme 3.2) (160). Since FMNH2 must 

bind to SsuD first, its binding will represent an on-rate constant that will be insensitive to 

deuterium isotopic substitution and the affect on kcat/K[octanesulfonate] and kcat/K[O2] will be 

unity by definition (197). Since both the substrate and solvent isotope effect on 

kcat/K[octanesulfonate] is within experimental error of 1, it can be concluded that 

octanesulfonate adds to SsuD prior to O2 under steady-state conditions (201). Although 

dioxygen concentration has been shown to be saturating under these experimental 

conditions, the kinetic isotope effect on kcat/K[O2] was not explored in the current work; it 

will be the subject of future studies. 

The determination of SsuD kinetic parameters in D2O and with labeled substrate 

was performed in an effort to extrapolate the intrinsic substrate and solvent isotope effect 

from the combined isotope effects data. The pD profile of kcat with the deuterium
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Scheme 3.2. Proposed substrate binding order for SsuD 
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labeled substrate exhibited features from profiles of the labeled substrate in H2O and 

unlabeled substrate in D2O, while the profile for kcat/K[octanesulfonate] remained unaffected 

by the combined isotope effects (Figure 3.7A and 3.7B). The reduced pL independent 

value for kcat combined with the outward shift of the pKa values for the labeled substrate 

in D2O are consistent with the reductions and shifts seen for the labeled substrate in H2O 

(Table 3.2). Interestingly, the overall effect on the pL independent value of kcat for the 

two isotopes together is the product of each individual isotope effect on kcat. The results 

suggest that there are two separate isotopic sensitive steps in the SsuD reaction. 

Therefore, while the resuls indicate that the intrinsic isotope effects (Dk and D2Ok) affect 

different mechanistic steps in the reaction, these values could not be determined from 

steady-state data alone.   

 A substrate is considered sticky when it dissociates more slowly than it reacts to 

give products (188, 189). A substrate with a shorter aliphatic chain length (1-

butanesulfonate) was used to probe whether the long aliphatic chain of 1-octanesulfonate 

results in slow dissociation from the enzyme. Interestingly, the results revealed that it is 

the shorter chain length of 1-butanesulfonate that causes the proton associated with the 

ionizable group on the acidic limb of the pH profile to become sticky; 1-butanesulfonate 

dissociates from the enzyme-substrate complex slower than it reacts to give products 

(173, 174). Furthermore, an outward shift or broadening of pKa values observed only in 

the kcat pH profile for SsuD with 1-butanesulfonate as a substrate is indicative of a non-

pH dependent, but normally rate limiting, slow step following the catalytic reaction (173–

175). Since the outward pKa shifts are only present on the pH dependence of kcat, the
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kcat  

(min-1) 
kcat/Km  

(µM-1 min-1) 

1-octanesulfonate 

H2O    93 ± 5a  1.9 ± 0.1a 
D2O 123 ± 3 2.0 ± 0.1 

9% glycerol   80 ± 4 1.2 ± 0.1 
 

1-octanesulfonate-1,1-d2 

H2O 31 ± 2 1.9 ± 0.3 
D2O 39 ± 2 2.3 ± 0.3 

kH/kD 3.0 ± 0.2 1.0 ± 0.2 
H2OkH/D2OkH 0.75 ± 0.04 0.95 ± 0.07 
D2OkH/ D2OkD 3.1 ± 0.2 0.87 ± 0.12 
   
1-butanesulfonate 

H2O 86 ± 5 0.16 ± 0.02 
   
4-pyridineethanesulfonic acid 

H2O 164 ± 12 0.9 ± 0.1 
   
a Previously reported in reference (160) 

 

 

Table 3.2.  pH Independent steady-state kinetic parameters for wild-type 

SsuD isotope effects. Reactions were performed at 25°C, and values were 

determined by fitting pH profiles data to equations 3.1 or 3.2 and solving 

for C. 
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results suggest the rate of product release is also slowed by the shorter chain length of 1-

butanesulfonate (173–175). Despite this broadening between pKa values, the kcat value for 

the SsuD reaction with 1-butanesulfonate as a substrate is consistent with the kcat value 

for the SsuD reaction with 1-octanesulfonate as a substrate, while the kcat/Km value is 

decreased more than ten-fold. These results indicate that the rate of the SsuD chemical 

reaction is increased when 1-butanesulfonate is the substrate, but the overall reaction 

becomes limited by substrate binding and product release steps. Alternatively, 4-

pyridineethanesulfonic acid was used to probe whether steric hindrance from a bulky 

aromatic group could disrupt binding interactions and facilitate product dissociation from 

the enzyme. As supported by the two-fold increase in kcat and the absence of an outward 

shift in pKa values when compared to the SsuD reaction with 1-octanesulfonate as a 

substrate, 4-pyridineethanesulfonic acid appears to increase the overall rate of the SsuD 

reaction by serving to increase the rate-limiting, product release step. 

Altogether, the results presented in this study support the proposed mechanism for 

SsuD. The observed isotope effect of 3.0 ± 0.2 on the kcat parameter when deuterium 

labelled octanesulfonate is supplemented into the steady-state reaction supports the 

abstraction of the α-proton from the alkane peroxyflavin intermediate as the rate-limiting 

chemical step in SsuD catalysis (Scheme 3.1, III). Additionally, the solvent isotope effect 

data along with the corresponding proton inventory results support Arg226 donating a 

proton to the FMNO- intermediate triggering a proposed conformational change that 

opens the enzyme to solvation and promotes product release (Scheme 3.1, IV).  



131 
 

 

 
 
 

CHAPTER FOUR 
 
 

Implications of Rapid-Reaction Studies to Identify Intrinsic Solvent and Kinetic 

Isotope Effects for the Desulfonation Mechanism of SsuD 

Chapter 4  

4.1 INTRODUCTION 
 

Escherichia coli alkanesulfonate monooxygenase (SsuD) is proposed to activate 

dioxygen by generating a covalent flavin-oxygen adduct at the C4a position of the flavin 

isoalloxazine ring (Scheme 4.1) (60, 72, 95, 107, 160). Although the individual steps vary 

between flavin-dependent monooxygenase enzymes, the formation of the C4a-

(hydro)peroxyflavin intermediate typically promotes a nucleophilic or electrophilic 

reaction that is integral to the particular enzyme’s catalytic mechanism (60, 61, 72, 75, 

95, 96). Additionally, the formation of this C4a-(hydro)peroxyflavin intermediate is 

usually detectable by its distinct UV spectral signal around 370 nm. Unlike many flavin 

monooxygenases where both oxidative and reductive half reactions occur on the same 

enzyme, SsuD encompasses only the monooxygenase component of the flavin-dependent 

two-component alkanesulfonate monooxygenase system and is dependent on a seperate 

flavin reductase component (SsuE) (107, 129, 170). SsuE is responsible for catalyzing the 

reduction of FMN by NAD(P)H prior to transferring it to SsuD. The system is expressed 

when sulfate becomes limiting, and it is involved in acquiring sulfur from alternative
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Scheme 4.1. Proposed chemical mechanism for SsuD reaction when 

octanesulfonate concentration is low. 
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sources, primarily alkanesulfonates (107, 129, 150, 170). For the monooxygenase 

reaction, FMNH2-bound SsuD is proposed to activate dioxygen and cleave the carbon-

sulfur bond of alkanesulfonates releasing sulfite and the corresponding aldehyde through 

a C4a-peroxyflavin intermediate (Scheme 4.1) (107, 160). 

The desulfonation reaction of SsuD has been proposed previously to proceed by 

an acid-base mechanism via a C4a-peroxyflavin intermediate (160, 186). In many 

reactions dependent on acid-base catalysis, the proton transfer step is rate-limiting and 

can be affected by substituting a deuterium in place of the proton being transferred. 

Although substrate and solvent deuterium isotope effects under steady-state conditions 

supported this proposed mechanism, the intrinsic isotope effect on individual isotopically 

sensitive steps and commitments to catalysis were not determined. In the proposed 

mechanism, the release of the aldehyde product from the enzyme occurs following 

abstraction of a proton from the alkane peroxyflavin intermediate via a catalytic base. 

The abstraction of the proton from the alkane peroxyflavin intermediate has been 

proposed as one of several potential rate-limiting chemical steps in SsuD catalysis. 

Additionally, a general acid donates a proton to the FMNO- intermediate triggering a 

proposed conformational change that opens the enzyme to solvation and promotes 

product release. As a result, one or more of these mechanistic steps should be observable 

by monitoring the individual rate constants associated with SsuD-mediated flavin 

oxidation through rapid-reaction kinetic analysis. Therefore, reactions supplemented with 

deuterium labeled octanesulfonate substrate and D2O solvent were observed under single-

turnover conditions using rapid-reaction kinetic analysis in an effort to obtain these 

parameters and further resolve key steps involved in the proposed catalytic mechanism.  
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4.2 EXPERIMENTAL PROCEDURES 

 
4.2.1  Materials 

Potassium phosphate (monobasic and dibasic), flavin mononucleotide phosphate 

(FMN), reduced nicotinamide adenine dinucleotide phosphate (NADPH), Trizma base, 

Bis–Tris, glycine, ammonium sulfate, ampicillin, ethylenediaminetetraacetic acid 

(EDTA), dimethyl sulfoxide (DMSO), streptomycin sulfate, glucose, glucose oxidase, 

5,5-dithiobis(2-nitrobenzoic acid) (DTNB), and lysozyme were purchased from Sigma 

(St. Louis, MO). Isopropyl-β-D-thiogalactoside (IPTG), sodium chloride, and glycerol 

were obtained from Fisher Biotech (Pittsburgh, PA). 1-Octanesulfonate and dithiothreitol 

(DTT) were purchased from Fluka (Milwaukee, WI). Deuterium oxide (D2O), deuterium 

chloride, and sodium deuteroxide were purchased from Cambridge Isotope Laboratories, 

Inc (Andover, MA). The synthesis of 1-octanesulfonate-1,1-d2 was performed as 

previously described in chapter three of this dissertation. Expression and purification of 

recombinant SsuD and SsuE was performed as previously described (155). The 

concentrations of SsuD and SsuE proteins were determined from A280 measurements 

using a molar extinction coefficient of 47.9 mM-1 cm-1 and 20.3 mM-1 cm-1, respectively 

(155). 

4.2.2 Rapid Reaction Kinetic Analyses 

 Stopped-flow kinetic analyses were carried out as previously described using an 

Applied Photophysics SX.18 MV stopped-flow spectrophotometer (160, 169, 171). All 



135 
 

experiments were performed at pH 8.5 in order to favor equal accumulation of protonated 

(FMN-OOH) and deprotonated (FMN-OO-) C4a-(hydro)peroxyflavin intermediates (pKa 

= 8.4) (65, 96).  Reactions were initiated by mixing FMNH2 (25 μM) in one drive syringe 

against SsuD (35 μM) in air-saturated buffer (25 mM Tris-HCl, 100 mM NaCl) in the 

other drive syringe. When included in the reaction, varied concentrations of 1-

octanesulfonate or 1-octanesulfonate-1,1-d2 (20–1000 μM) were added to the SsuD 

solution in air-saturated buffer. All experiments were carried out in single-mixing mode 

by mixing equal volumes of the solutions, and monitoring the absorbance at 370 and 450 

nm for 100 seconds. Experiments in deuterium oxide were carried out at pD 8.5 using 

reaction mixtures prepared with 99.8% D2O instead of H2O. The single-wavelength 

traces were fitted to a double or triple exponential using the following equations: 

CtkAtkAA +−+−= )exp()exp( )obs(22)obs(11          (equation 4.1) 

CtkAtkAtkAA +−+−+−= )exp()exp()exp( )obs(33)obs(22)obs(11        (equation 4.2) 

where k1(obs), k2(obs), and k3(obs) are the apparent rate constants, A is the absorbance at time 

t, A1, A2, A3 are amplitudes of each phase, and C is the absorbance at the end of the 

reaction. 

4.2.3 Data Analysis 

 The overall equations for kinetic isotope effects on kcat and kcat/Km will adhere to 

the following expressions: 
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where k2, k3, k4, k9, and k11 represent the microscopic rate constants in scheme 4.2, D2Okcat 

equals the solvent isotope effect on kcat (H2Okcat/ D2Okcat), D2O(kcat/Km)HA equals the solvent 

isotope effect on kcat/Km for octanesulfonate [H2O(kcat/Km)H/ D2O(kcat/Km)H], D2Ok9 represents 

the solvent isotope effect on the net rate constant for the conversion of enzyme bound 

reduced flavin to enzyme bound oxidized flavin, cfA equals the forward commitment 

factor for octanesulfonate, B represents the concentration of dioxygen, D2O(kcat/Km)DA 

equals the deuterated substrate kinetic isotope effect on kcat/Km in D2O [D2O(kcat/Km)H/ 

D2O(kcat/Km)D], Dk represents the intrinsic kinetic isotope effect (k9H/k9D), cr represents the 

reverse commitment factor, and DKeq is the equilibrium isotope effect (197). The intrinsic 

kinetic isotope effect (Dk), the ratio of catalysis (cVf or k9/k11), and the forward 
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commitment to catalysis (cfA) for the SsuD reaction in D2O were calculated by solving for 

the respective value using equations 4.4, 4.5, and 4.7. 
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4.3 RESULTS 

 
4.3.1  Substrate kinetic isotope effects on kinetic rate constants of SsuD reaction 

Stopped-flow kinetic studies were performed using 1-octanesulfonate-1,1-d2 and 

compared to studies performed using  octanesulfonate substrate in order to evaluate the 

effect of deuterium labeled substrate on flavin oxidation. All reactions monitored the 

oxidation of FMNH2 by SsuD in the absence or presence of octanesulfonate (10-500 μM) 

at 370 and 450 nm for 100 seconds. As a control, single-wavelength kinetic traces were 

also obtained for the oxidation of free FMNH2 (25 μM) in the absence of SsuD and 

octanesulfonate. The oxidation of free FMNH2 was best fit to equation 4.1 with rates of 

2.36 ± 0.04 s-1 (k1,obs) and 1.21 ± 0.01 s-1 (k2,obs) for kinetic traces monitored at 370 nm 

and 2.5 ± 0.05 s-1 (k1,obs) and 1.23 ± 0.01 s-1 (k2,obs) at for kinetic traces monitored at 450 

nm. The two phases observed in the kinetic traces at each wavelength can be attributed to 

non-enzymatic flavin oxidation. At low octanesulfonate concentrations (<100 μM), the 

kinetic traces at 370 nm and 450 nm were best fit to equations 4.2 and 4.1, respectively. 

The amplitude of the fast phase (k1,obs) observed at 370 nm decreased with increasing 

octanesulfonate concentration until the rate constant was no longer observable at high 

octanesulfonate concentrations (≥100 μM) (Figure 4.1A). Previously, this fast phase 

(k1,obs) was attributed to the accumulation and stabilization of the C4a-

(hydro)peroxyflavin intermediate integral to the SsuD catalytic mechanism. At higher 

octanesulfonate concentrations, kinetic traces of reactions monitored at 370 nm were best
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Figure 4.1. Kinetic of flavin oxidation by SsuD monitored at 370 nm in H2O solvent. A: 

Free FMNH2 (25 µM) mixed with SsuD (35 µM) in air-saturated H2O buffer (●). Free 

FMNH2 (25 µM) mixed with SsuD (35 µM) and octanesulfonate (1000 µM) in air-

saturated H2O buffer (×). B: Free FMNH2 (25 µM) mixed with SsuD (35µM) and 1-

octanesulfonate-1,1-d2 acid (40 µM) in air-saturated H2O buffer (■). Free FMNH2 (25 

µM) mixed with SsuD (35 µM) and 1-octanesulfonate-1,1-d2 (1000 µM) in air-saturated 

H2O buffer (×). Each plot includes the kinetic trace of free FMNH2 (25 µM) mixed with 

air-saturated buffer (○) as a reference. The kinetic traces shown are the average of at least 

three separate experiments. The solid lines are the fits of the kinetic traces to equations 

4.1 or 4.2. 
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fit to equation 4.1 and the rate constants were indistinguishable from the rate constants 

obtained from the corresponding 450 nm kinetic traces (Table 4.1). These results 

indicated an insufficient accumulation of the C4a-(hydro)peroxyflavin intermediate at 

higher octanesulfonate concentrations. Interestingly, the initial phase (k1,obs) was not 

observed at any substrate concentration for reactions supplemented with deuterium 

labeled 1-octanesulfonate-1,1-d2 (Figure 4.1B). Nevertheless, analyses of kinetic traces 

from reactions monitored at 370 and 450 nm showed a clear hyperbolic dependence on 

k2(obs) with both labeled and unlabeled octanesulfonate substrate. A fit of the data 

monitored at 450 nm gave a Kd value of 18.3 ± 4.0 µM and a limiting rate constant of 2.8 

± 0.1 s-1 for reactions supplemented with unlabeled octanesulfonate, and a Kd value of 

17.8 ± 2.7 µM and a limiting rate constant of 3.2 ± 0.1 s-1 for reactions supplemented 

with 1-octanesulfonate-1,1-d2. The results demonstrated that while the value of the 

second order rate constant was independent of whether labeled or unlabeled 

octanesulfonate was used in the reaction, the C4a-hydroperoxyflavin intermediate failed 

to accumulate in reactions supplemented with deuterium labeled substrate. The value of 

the slowest rate constant (k3,obs) was indistinguishable from that obtained with unlabeled 

substrate indicating that the overall rate of flavin oxidation was not affected by the 

deuterated octanesulfonate substrate (Table 4.1). 

4.3.2 Solvent kinetic isotope effects on kinetic rate constants of SsuD reaction 

Stopped-flow kinetic studies of SsuD reactions supplemented with 1-

octanesulfonate-1,1-d2 were performed in 99.8% D2O and compared to studies performed 

in H2O to evaluate the effect of deuterated solvent on flavin oxidation. As a control, 

single-wavelength kinetic traces were also obtained for the oxidation of free FMNH2 (25 
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μM) in the absence of SsuD in D2O and compared to the rate constants obtained in H2O. 

In D2O, the oxidation of free FMNH2 was best fit to equation 4.1 with rates of 1.49 ± 

0.05 s-1 (k1,obs) and 0.73 ± 0.01 s-1 (k2,obs) for kinetic traces of the reaction monitored at 

370 nm and 1.52 s-1 ± 0.05 (k1,obs) and 0.76 s-1 ± 0.01 (k2,obs) for traces at 450 nm. The 

two phases observed for flavin oxidation in H2O and D2O were determined to be 

essentially identical. At low octanesulfonate concentrations (<100 μM), the kinetic traces 

at 370 nm and 450 nm were best fit to equations 4.2 and 4.1, respectively. Interestingly, 

the fast phase (k1,obs) observed in kinetic traces at 370 nm was present at the highest 

concentration of unlabeled octanesulfonate (500 μM) for reactions performed in D2O 

(Figure 4.2A). These results indicated increased accumulation and stabilization of the 

C4a-hydroperoxyflavin intermediate in D2O even at higher octanesulfonate 

concentrations. Additional analyses of kinetic traces from reactions monitored at 370 and 

450 nm also showed a clear hyperbolic dependence (k2,obs) on octanesulfonate 

concentration, with a Kd value of 9.8 ± 2.0 µM and a limiting rate constant of 2.4 ± 0.1 s-1 

for reactions monitored in D2O (Table 4.1). These Kd values indicate that unlabeled 

octanesulfonate binds tighter to SsuD during catalysis in D2O than in H2O. The value of 

the slowest rate constant (k3,obs) in D2O was indistinguishable from that obtained in H2O 

indicating that the overall rate of flavin oxidation was not affected by the deuterated 

solvent (Table 4.1). 

4.3.3 Combined substrate and solvent kinetic isotope effects on kinetic rate constants of 

SsuD reaction 

Stopped-flow kinetic studies of SsuD reactions supplemented with 1-

octanesulfonate-1,1-d2 were performed in 99.8% D2O and compared to reactions 
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   Kd 

a

(µM) 
k1(obs)

b 
(s-1) 

k2(obs)  
(µM-1 s-1) 

k3(obs)  
(s-1) 

1-octanesulfonate      

H2O 18.3 ± 4.0   19 ± 3 c 0.132 ± 0.032 0.5 ± 0.2 
D2O 9.8 ± 2.0 35 ± 6 0.245 ± 0.051 0.5 ± 0.2 

       

1-octanesulfonate-1,1-d2      

H2O 17.8 ± 2.7 NDd 0.179 ± 0.025 0.5 ± 0.2 
D2O 15.5 ± 2.5  40 ± 5 c 0.240 ± 0.041 0.8 ± 0.4 

  
kH/kD 1.0 ± 0.3  0.73 ± 0.21 — 
H2OkH/D2OkH 1.9 ± 0.6 0.54 ± 0.13 0.54 ± 0.17 — 
D2OkH/ D2OkD 1.2 ± 0.3 0.88 ± 0.18 1.02 ± 0.27 0.6 ± 0.4 
a Kd is the dissociation constant for octanesulfonate binding determined from single 
turnover kinetic studies.  
b Rate constant is only observable at 370 nm 
c Rate constant is not distinguishable at high octanesulfonate concentrations 
d Rate is not detectable. 
 

 

Table 4.1. Single-turnover rapid-reaction kinetic rate constants for wild-

type SsuD isotope effects. Reactions were performed at 4°C and pL 8.5. 

Data reflect the observed k1, k2, and k3 rate constants extrapolated from 

eqs. 5 and 4 after being fit to kinetic traces of FMNH2 (25 µM) oxidation 

monitored at A370 and A450, respectively.  
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supplemented with unlabeled octanesulfonate in order to deduce the intrinsic substrate 

isotope effect. At low 1-octanesulfonate-1,1-d2 concentrations (<50 μM), the kinetic 

traces at 370 nm and 450 nm were best fit to equations 4.2 and 4.1, respectively. The 

amplitude of the fast phase (k1,obs) observed at 370 nm decreased with increasing 

deuterated octanesulfonate concentrations until the rate constant was no longer 

observable at high deuterated octanesulfonate concentrations (≥50 μM) (Figure 4.2B). At 

higher 1-octanesulfonate-1,1-d2 concentrations, kinetic traces of reactions monitored at 

370 nm were best fit to equation 4.1 and the rate constants were indistinguishable from 

the rate constants obtained from the corresponding 450 nm kinetic traces (Table 4.1). 

These results indicated an insufficient accumulation of the C4a-(hydro)peroxyflavin 

intermediate at higher octanesulfonate concentrations. Additionally, a fit of the data 

monitored at 450 nm gave a Kd value of 15.5 ± 2.5 µM and a limiting rate constant of 3.6 

± 0.1 s-1 for reactions monitored in D2O (Table 4.1). These Kd values indicate that labeled 

octanesulfonate binds slightly tighter to SsuD during catalysis in D2O than in H2O, but 

nearly within experimental error of each other. The value of the slowest rate constant 

(k3,obs) remained unchanged (Table 4.1).  

4.3.4 Calculation of intrinsic isotope effect and commitments to catalysis 

Calculation and analysis of the intrinsic kinetic isotope effect and commitment 

factors for the SsuD reaction in D2O revealed a Dk of 1.9 ± 0.6, a cVf of 0.84 ± 0.58, and a 

cfA of 8.20 ± 0.38 (Table 4.2). These results are in agreement with the steady-state pH 

profiles in that they suggest a large forward commitment to catalysis (cfA) with a ratio of 

catalysis indicating product release occurring faster than the bond-breaking step (cVf = k9/k11) 

(174, 197, 201). Unfortunately, the intrinsic kinetic isotope effect in H2O along with 

commitments to catalysis could not be determined from the rapid-reaction kinetic results due 
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Table 4.2: Intrinsic isotope effects and 
commitments for SsuD in D2O 

Dk  1.9 ± 0.6a 

cVf 0.84 ± 0.58b 

cfA 8.20 ± 0.38c 

D2Ok9  0.54 ± 0.17d 

D2Okcat  0.75 ± 0.04d 

D2O(kcat/Km)HA
 0.95 ± 0.07d 

D2O(kcat/Km)DA 0.83 ± 0.12d 
a  Value was calculated from equation 4.7 
b Value was calculated from equation 4.4. cVf 
represents the ratio of k9/k11. 
c  Value was calculated from equation 4.5 
d  previously reported in Table 4.1 of this 
dissertation 

 

 

 

 

Table 4.2. Intrinsic isotope effects and commitments for SsuD in D2O 
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to the inverse isotope effect of 0.73 ± 0.21 s-1 µM-1 in H2O (kH/kD) on the second-order rate 

constant (k2,obs) determined from the rapid-reaction kinetic studies (Table 4.1). These results 

could not be reconciled with the steady-state data and efforts to calculate the net rate constant 

(k9) corresponding to scheme 4.2. This perplexing finding suggests that the isotope sensitive 

step pertaining to the deuterated substrate is not realized while monitoring flavin oxidation 

during single-turnover conditions. 
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4.4 DISCUSSION 

 

Studies were employed using rapid-reaction kinetic analyses to examine if the 

inverse isotope effect observed for the SsuD reaction is dependent on flavin oxidation. 

SsuD has been proposed to utilize a mechanism comparable to the flavin-dependent 

enzyme cyclohexanone monooxygenase in that a C4a-peroxyflavin (FMN-OO-) 

intermediate acts as a nucleophile in the Baeyer–Villiger oxygenation of alkanesulfonic 

acid (96, 160, 171, 186). As with SsuD, previous studies on the cyclohexanone 

monooxygenase have attributed a fast phase observed at 370 nm in the rapid reaction 

kinetics studies to a step involving the formation and accumulation of a relatively stable 

C4a-hydroperoxyflavin (FMN-OOH) intermediate in the absence of substrate (65, 95, 

123, 130, 131, 160, 172, 202). Additionally, this C4a-hydroperoxyflavin (FMN-OOH) 

intermediate of cyclohexanone monooxygenase has been shown to be in slow protonic 

equilibrium with the C4a-peroxyflavin (FMN-OO-) intermediate with an observed pKa 

value of 8.4 (65, 96). SsuD has been proposed to utilize a similar mechanism to stabilize 

its C4a-(hydro)peroxyflavin intermediate. 

Previously, SsuD has been shown to follow a steady-state ordered binding 

mechanism with FMNH2 binding first to SsuD, followed by either octanesulfonate or O2 

prior to formation of the C4a-peroxyflavin intermediate that governs the desulfonation 

reaction (160). The complexity of this ter-reactant mechanism prompted the 

consideration of a simplified bi-reactant kinetic model for the analysis of the current 
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kinetic isotope effects data (scheme 4.2). The simplified kinetic model works because the 

first reactant, FMNH2, has been shown previously to bind to SsuD prior to the other 

substrates. Therefore, FMNH2 binding is reflected by an on-rate constant that will be 

insensitive to deuterium isotopic substitution; the kcat/K[FMNH2] will be unity and can be 

ignored in terms of the overall kinetic mechanism (197). Previous studies have suggested 

also that octanesulfonate binds to the SsuD-FMNH2 complex prior to O2 in order to 

ensure that formation of the C4a-(hydro)peroxyflavin intermediate is fully coupled to 

desulfonation (160). Additionally, the lack of a substrate and/or solvent isotope effect on 

kcat/K[octanesulfonate] supports octanesulfonate binding to the SsuD-FMNH2 complex prior to O2 

under steady-state conditions (chapter 3). Nevertheless, the formation of the C4a-

(hydro)peroxyflavin intermediate in the absence and at low concentrations of 

octanesulfonate during rapid-reaction studies supports O2 binding to SsuD in the absence 

of octanesulfonate. Therefore, it is possible that the SsuD reaction follows an alternate 

pathway where O2 binds prior to octanesulfonate when octanesulfonate concentration is 

limited (Scheme 4.2) (160).  

Results from the current study suggest that in the absence of or at low 

concentrations of octanesulfonate (≤ 100 μM), the formation of FMN-OO- is immediately 

followed by a slow protonic equilibrium with FMN-OOH (Scheme 4.2) (65, 96). The rate 

constant (k1,obs) observable even at elevated octanesulfonate concentrations in D2O but 

absent in H2O at increased octanesulfonate concentrations (≥ 100 μM) could correspond 

to the formation and stabilization of this equilibrium (Table 4.1). In this case, the results 

suggest that deuterated solvent stabilizes the C4a-(hydro)peroxyflavin intermediate in 

D2O, possibly resulting in a pKa shift that favors accumulation of the FMN-OOH 

intermediate over the catalytically relevant FMN-OO- intermediate. As a result, the 
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generation of the C4a-hydroperoxyflavin occurs faster in D2O than in H2O resulting in its 

accumulation and the stabilization of the signal to which it corresponds. For elevated 

concentrations of octanesulfonate, the C4a-peroxyflavin forms and reacts with the 

octanesulfonate before protonic equilibrium with FMN-OOH can be established (Scheme 

4.1) (160). Therefore, it is proposed that the C4a-peroxyflavin is converted to C4a-

hydroperoxyflavin in D2O before it can participate in catalysis resulting in FMN-OOH 

accumulation even at increased concentrations of octanesulfonate (Figure 4.2A).  

Alternatively, the current study also supports the enhanced stabilization of the 

C4a-peroxyflavin intermediate by Arg226 when in D2O. In previous studies, the positive 

charge associated with the protonated form Arg226 was shown to be integral to the 

stabilization of the C4a-(hydro)peroxyflavin intermediate during rapid-reaction kinetic 

studies (186). Steady-state reaction studies also indicated the pKa value associated with 

Arg226 was shifted outwards in D2O, thus indicating that the protonated, positively 

charged form of the amino-acid is favored in deuterated solvent (Chapter 3). The 

increased availability of protonated Arg226 as a result of this pKa shift may be serving to 

stabilize the negative charge of the C4a-peroxyflavin intermediate, thus favoring its 

accumulation in D2O. 

Despite its contributions to the fast rate constant (k1,obs), the stabilization of the 

C4a-(hydro)peroxyflavin intermediate does not appear to limit the overall reaction, as the 

rate constants extrapolated from kinetic traces of flavin oxidation monitored at 450 nm 

are similar (within error) in both H2O and D2O (Table 4.1). Interestingly, the second 

order rate constant (k2,obs) with a hyperbolic dependence on octanesulfonate concentration 

exhibits an inverse solvent isotope effect comparable to the steady-state solvent isotope
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Figure 4.2. Kinetic traces of flavin oxidation by SsuD monitored at 370 

nm in D2O solvent. A: Free FMNH2 (25 µM) mixed with SsuD (35 µM) in 

air-saturated D2O buffer (●). Free FMNH2 (25 µM) mixed with SsuD 

(35µM) and octanesulfonate (1000 µM) in air-saturated D2O buffer (×). B: 

Free FMNH2 (25 µM) mixed with SsuD (35µM) and 1-octanesulfonate-

1,1-d2 acid (40 µM) in air-saturated D2O buffer (■). Free FMNH2 (25 µM) 

mixed with SsuD (35µM) and 1-octanesulfonate-1,1-d2 (1000 µM) in air-

saturated D2O buffer (×). All plots include the kinetic trace of free FMNH2 

(25 µM) mixed with air-saturated buffer (○) as a reference. The kinetic 

traces shown are the average of at least three separate experiments. The 

solid lines are the fits of the kinetic traces to equations 4.1 or 4.2. 
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effect on kcat suggesting that it may entail the net rate constant (k9) for SsuD catalysis. In 

Scheme 4.2, k9 represents the net rate constant for all steps occurring from the first-

irreversible step up to release of the first product; this step will be considered the only 

step sensitive to isotopic substitution (197). In this case, equation 4.3 becomes the 

expression for kcat based on scheme 4.2 with k11 representing the non-pH dependent rate 

limiting step previously proposed to be a conformational change linked to product release 

(186, 197). This rate-limiting step is believed to be represented by the slowest of the rate 

constants from the single-turnover studies, k3(obs). The reverse commitment factor (cr 

term) common to the overall expressions for isotope effects on kinetic parameters can be 

omitted in this case as k9 is considered a net rate constant that will not be dependent on 

the concentration of the substrates; thus, the expression for D2Ok9 includes the internal part 

of the forward as well as all of the reverse commitment (197, 201). As a result, equation 

4.4 represents the expression for the isotope effect on kcat. The lack of a kinetic isotope 

effect on kcat/Km with varying octanesulfonate gives rise to equation 4.5 and 4.6. In 

equations 4.5 and 4.6, the value of D(kcat/Km) becomes unity once O2 concentration is 

saturating because octanesulfonate becomes trapped on the enzyme and committed to 

form product; no isotope effect is observed as a result (197).  

D2O also appears to affect either the intrinsic substrate kinetic isotope effect or 

the equilibrium isotope effect (Keq) for the SsuD reaction. This can be surmised by 

considering the intrinsic substrate kinetic isotope effect of 1.9 ± 0.6 that was determined 

from analysis of the SsuD reaction in D2O. In D2O, rapid-reaction studies demonstrated that 

the SsuD reaction follows a textbook steady-state ordered mechanism as the solvent isotope 

effect (H2OkH/ D2OkH) of 0.75 ± 0.04 on kcat is between the limits set by the equilibrium ordered 

mechanism and Theorell-Chance mechanisms, or D2Ok9 (D2Ok2,obs = 0.54 ± 0.17) and unity, 
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respectively (Chapter 3). However, the same determination cannot be made from substrate 

isotope studies in H2O due to conflicting data obtained from steady-state and single-turnover 

rapid reaction experimental conditions. By definition, a Theorell-Chance mechanism would 

require product release to completely limit the overall reaction and the isotope effect on kcat to 

be unity (197, 201). However, the overall substrate kinetic isotope effect of 3.0 ± 0.2 for kcat 

and unity for kcat/K[octanesulfonate] determined from the steady-state results eliminates this 

possibility (Chapter 3). Therefore, the steady-state ordered mechanism requires that the Dk in 

H2O be greater than or equal to the overall effect for kcat, unless Keq is normal and large. Keq 

will be normal and greater than unity if substrate is bonded more tightly, and it will be 

inverse and less than unity if the product is bonded more tightly (197, 201). The inverse 

solvent isotope on k2(obs) results from a decrease in the Kd value of unlabeled octanesulfonate 

in D2O compared to H2O (Table 4.1). This decrease in the Kd value may be the result of the 

enzyme favoring a shift towards product formation in D2O; tighter, stiffer bonding of the 

transition state-intermediate resembling the product would favor an inverse isotope effect and 

is supported by the proton inventory of the SsuD reaction (Chapter 3). Interestingly, the 

deuterium labeled octanesulfonate Kd value obtained for SsuD reactions performed in D2O is 

within error of the value obtained in H2O (Table 4.1). These results suggest that both the 

substrate and solvent isotope effects may be due in part to an equilibrium isotope effect. 

Nevertheless, it should be noted that the two-component nature of the enzyme system implies 

that the reaction is likely irreversible even under steady-state conditions. If the reaction is 

irreversible, determination of a true Keq parameter would not be possible.  

Although rapid-reaction kinetics studies demonstrated that the rate-limiting step 

does not occur during flavin oxidation, it is important to understand that these rate 

constants reflect the kinetics of SsuD under single turnover conditions in the absence of 
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SsuE. The limiting rate constant (k3,obs) of 0.5 s-1 (30 min-1) under single-turnover 

conditions represents a three-fold decrease from the steady-state kcat value (93 min-1), and 

therefore cannot be catalytically competent (186, 203). This anomaly is likely explained 

by the absence of SsuE, which is included in the reaction under steady-state conditions. 

Previous studies have shown that the overall rate of flavin reduction by SsuE is enhanced 

when SsuD is present in the reaction, potentially as a result of protein-protein interactions 

occurring between the two enzymes (155, 159). Proton inventories and viscosity studies 

on SsuD support a rate limiting conformational change as oxidized flavin is released 

(178, 182, 189, 196). If k3(obs) represents a rate-limiting conformational change 

corresponding to a proton transfer event in the proposed mechanism involving the 

protonation of FMN-O- by Arg226, then the presence of SsuE may serve to enhance the 

rate of this conformational change though protein-protein interactions. This 

conformational change would result in the enzyme being in an open conformation, and 

the N5 of the free FMN-OH would be quickly protonated by solvolysis resulting in the 

rapid dehydration of water and generation of oxidized FMN (Scheme 4.1) (34). 

Unfortunately, a catalytically competent intrinsic solvent isotope effect for the formation 

and release of the FMN-OH intermediate could not be determined from the single-

turnover experiments.  
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CHAPTER FIVE 
 

Summary 
Chapter 5  

 
Two-component flavin-dependent monooxygenases utilize flavin as a co-substrate 

and are involved in various metabolic and biosynthetic processes in microorganisms. 

Elucidating the details of the flavin intermediates involved in the catalytic mechanisms of 

these systems is an area of active investigation. The alkanesulfonate monooxygenase 

enzyme has been identified in a diverse range of bacterial organisms and utilizes FMNH2 

supplied by an independent NAD(P)H dependent FMN reductase (SsuE) to alleviate 

periods of limited sulfur bioavailability. Catalysis by the monooxygenase enzyme results 

in the oxygenolytic cleavage of a carbon-sulfur bond from sulfonated substrates to yield 

free FMN, aldehyde, and metabolically available sulfite. The SsuD mechanism has been 

determined to be dependent on a C4a-(hydro)peroxyflavin intermediate to catalyze the 

desulfonation of alkanesulfonates. 

5.1 Proposed catalytic mechanism of SsuD 

In the SsuD reaction, a C4a-peroxyflavin intermediate is proposed to perform a 

nucleophilic attack on the sulfur group of the alkanesulfonate substrate (Scheme 3.1, I). 

The resulting intermediate then undergoes a Baeyer-Villiger rearrangement leading to the 

cleavage of the alkanesulfonate carbon-sulfur bond and the generation of sulfite and an 

alkane peroxyflavin intermediate (Scheme 3.1, II). The release of the aldehyde product 

from the enzyme occurs following abstraction of a proton from the alkane peroxyflavin 
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intermediate by a catalytic base (Scheme 3.1, III). An active-site acid is then proposed to 

donate a proton to the FMNO- intermediate triggering a proposed conformational change 

that opens the enzyme to solvation and promotes product release (Scheme 3.1, IV).  

5.2 Establishment of catalytic active-site acid and active-site base 

In order to gain insight into catalytically relevant ionizations governing the 

desulfonation reaction of SsuD, kcat and kcat/Km values for wild-type SsuD were measured 

as a function of pH from 5.8-10.0. The pH dependence of kcat for SsuD revealed two 

titratable residues with apparent pKa values of 6.6 ± 0.1 and 9.5 ± 0.1. These results 

indicate that a group with a pKa value of around 6.6 must be deprotonated, and a group 

with a pKa value of around 9.5 must be protonated in order for the enzyme-substrate 

complex to convert substrate to product. Interestingly, only one titratable amino acid 

residue with an apparent pKa value of 6.9 ± 0.1 was extrapolated from the pH dependence 

of kcat/Km, suggesting that a functional group on the free enzyme or substrate must be 

deprotonated in the conversion of substrate to product. 

5.3 Identification of group contributing to pKa at 6.6. 

Despite low amino acid sequence identity, SsuD is similar in overall structure to 

other flavin-dependent monooxygenases. Structural and functional comparisons of SsuD 

with bacterial luciferase and LadA have led to the proposal of His228 as the catalytic 

base. The proposal agrees with the kcat pH profile data in that His228 could contribute the 

apparent pKa value of 6.6 ± 0.1. To determine the catalytic role of His228 in the 

desulfonation reaction by SsuD, several substitutions were introduced into the enzyme, 

and the mechanistic and catalytic function of these variants evaluated. The H228A SsuD 

variant showed a two-fold decrease in kcat when compared to the wild-type enzyme. This 
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slight reduction in activity in conjunction with the presence of sticky proton in the kcat 

and kcat/K[octanesulfonate] pH dependence profile for the H228A SsuD variant supports the 

conclusion that His228 serves as a hydrogen bond acceptor and not as an active site base 

in SsuD.  

 Cys54 was also evaluated as it is the only cysteine residue present in the wild-type 

SsuD enzyme. The kcat value for C54A SsuD demonstrated a five-fold decrease in activity 

from wild-type SsuD as well as the presence of a “hollow” in both the kcat and kcat/Km pH 

profiles indicative of a sticky proton during catalysis. The observed hollow on the acidic 

limb of the pH profile indicates Cys54 would be required for the rapid dissociation of the 

N1 proton from FMNH2 when octanesulfonate is present. As is the case with bacterial 

luciferase, the N1 position of FMNH2 is proposed to be contributing to the lower pKa 

value in SsuD. Therefore, the results indicate Cys54 of SsuD directly interacts with the 

C4a-(hydro)peroxyflavin intermediate and promotes its formation by facilitating the 

dissociation of the proton located at the N1 position of FMNH2.   

5.4 Identification of Arg226 as the group contributing to the upper pKa at 9.5. 

Previous studies as well as the elimination of the upper pKa in the C54A SsuD pH 

profiles supported Cys54 to be contributing to the pKa at 9.5. Although these combined 

results indicate Cys54 is contributing to the upper pKa in the wild-type enzyme, the 

modest five-fold drop in the kcat and kcat/Km values compared to wild-type SsuD did not 

support Cys54 as the catalytic acid. Given the propensity of an active-site environment to 

alter the pKa value of an amino acid, the only other group within the putative active site 

of SsuD that could be responsible for contributing to the pKa value at 9.5 is an arginine 

residue. While SsuD contains several conserved arginine residues, this residue was 
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estimated to be Arg226 as it is the only arginine residue located within the putative active 

site. Alanine and lysine substitutions of Arg226 resulted in the inactivation of the enzyme 

indicating that the amino acid may be responsible for the apparent pKa value of 9.5 ± 0.1. 

5.5 Arg226 serves to stabilize the C4a-hydroperoxyflavin intermediate during SsuD 

catalysis 

Steady-state, pH dependence kinetic studies highlighted Arg226 to be playing a 

crucial role as the potential active-site acid in SsuD catalysis. As a result, single turnover 

rapid reaction kinetic studies were performed to investigate the role of Arg226 in 

catalysis in terms of individual rate constants. Previous studies on SsuD and other flavin-

dependent monooxygenases have attributed the initial fast phase observed at 370 nm in 

the rapid reaction kinetic studies to the formation and accumulation of a relatively stable 

C4a-hydroperoxyflavin (FMN-OOH) intermediate. This phase was not observed in 

reactions with R226A and R226K SsuD indicating that Arg226 is serving to stabilize the 

C4a-(hydro)peroxyflavin intermediate. Results from isotope effect studies further 

indicted that it is yhe positively charged form of the Arg226 serving to stabilize the C4a-

peroxyflavin intermediate. 

5.6 Rate-limiting step in SsuD catalysis 

The abstraction of the α-proton from the alkane peroxyflavin intermediate has 

been proposed as one of several potential rate-limiting chemical steps in SsuD catalysis. 

Therefore, substitution of the α-protons of octanesulfonate with deuterium was performed 

in order to probe the proton abstraction step (Scheme 3.1, III). Although a substrate 

kinetic isotope effect of three supported proton abstraction as the rate-limiting chemical 
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step, steady-state pH dependence and proton inventory experiments indicated product 

release to be the overall rate limiting step in SsuD catalysis.  

5.7 Role of Arg226 during product release 

The outwards displacement or broadening observed between of the apparent pKa 

values seen in the kcat pH profile for guanidinium rescue experiments is indicative of a 

non-pH dependent, but normally rate limiting, slow product release step following the 

catalytic reaction. The result indicates Arg226 plays a role in product release. 

Additionally, the solvent isotope effect data along with the corresponding proton 

inventory results support Arg226 donating a proton to the FMNO- intermediate triggering 

a proposed conformational change that opens the enzyme to solvation and promotes 

product release.  

5.8 Conclusion 

The combined results of these studies support Cys54 and Arg226 of SsuD playing 

multiple roles in SsuD catalysis. First, Cys54 promotes oxygen activation of FMNH2 by 

facilitating the dissociation of the proton located at the N1 position. Second, the 

protonated, positively charged form of Arg226 stabilizes the C4a-(hydro)peroxyflavin 

intermediate. The stabilization of intermediate is followed by a nucleophilic attack on the 

C-S bond of the alkanesulfonate substrate and a Baeyer-Villiger rearrangement leading to 

the cleavage of the alkanesulfonate carbon-sulfur bond and the generation of sulfite and 

an alkane peroxyflavin intermediate. Finally, Arg226 serves to protonate the FMNO- 

intermediate, thereby triggering a conformational change that results in product release. 
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